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CHAPTER 1. GENERAL INTRODUCTION 
Dissertation Organization 
This dissertation includes five chapters. Chapter 1 introduces single molecule and 
nanoparticle imaging techniques and their applications. Chapter 2 is a study of electrophoretic 
migration and axial diffusion of single nanoparticles in cylindrical nanopores in which the liquid 
viscosity was successfully measured. Chapter 3 reports the use of gold nanoparticles as drug 
delivery carriers and imaging contrast probes to study stem cell proliferation. This is an effort to 
maximize the capabilities of the recently developed plasmonic nanoparticle imaging techniques in 
stem cell research. Chapter 4 reports a study of single molecule catalysis on a modular multilayer 
catalytic platform and demonstrates three-dimensional super-localization imaging of single 
turnover events on 200-nm nanocatalysts. Chapter 5 summarizes all of the contents in the 
dissertation.  
 
1. Introduction 
Single molecule and nanoparticle detection allows one to examine the heterogeneity of 
individual molecules and nanoparticles and explore the information hidden in the ensemble 
experiments. After three decades of intensive development, single molecule and single 
nanoparticle optical imaging has matured and entered its prime time as an important experimental 
tool to interrogate chemical and biological systems.  
This chapter introduces the applications of single molecule and single nanoparticle imaging, 
followed by the explanations of the principles of optical microscopy techniques employed in my 
research. 
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Single molecule fluorescence imaging will be explained first. Three key factors are usually 
considered in these experiments: 1) a small number of molecules (sometimes only one) in the 
illumination volume probed by the light source; 2) sufficiently large fluorescence photon counts 
from individual fluorophores compared to the background level; 3) detectors with high quantum 
efficiency and low dark noise. The optimization of the signal-to-noise ratios (SNR) by maximizing 
the signal and minimizing the background is a routine practice to achieve single molecule 
imaging.1 To maximize the signal, new fluorescent probes with higher stability and quantum yield 
have been developed, including fluorescent dyes, fluorescent proteins, quantum dots, and metal 
clusters. To minimize the background, one needs to reduce the two main sources of background 
noise: 1) residual fluorescence signals from the environment, such as optical components, 
microscope slides and coverslips, and 2) the sample itself due to Rayleigh and Raman scattering 
from the solvent, impurities in the sample, and red-shifted photons into the single molecule 
fluorescence spectral region. The first type of background can be minimized by using high-quality 
optical components and ultraclean, scratch-free substrates, such as high quality fused quartz slides 
over normal glass slides, while the second type of background is often reduced by purifying the 
sample and photobleaching the solvent for an extended period before use. Furthermore, 
minimizing the illumination volume is another efficient method to improve the SNR, e.g., total 
internal reflection fluorescence microscopy (TIRFM) limits the excitation to the evanescence field 
of a few hundred nanometers deep, which is much shallower compared with the illumination 
volume in wide-field fluorescence microscopy.  
Although molecular imaging probes have dominated the optical imaging field for decades, 
their usefulness in biological and chemical applications is often limited by optical saturation and 
photobleaching. Coincident with the emergence of nanomaterials, more and more nanoparticles 
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have found use in optical imaging to overcome these limitations. The fast development of particle 
synthesis and surface modification strategies has resulted in nanoparticle imaging probes of 
various size, shape and composition. The approaches to detect, localize, and count nanoparticles 
have been actively developed recently for use in biological and chemical research. Inorganic metal 
nanoparticles, such as gold, silver, and iron oxide nanoparticles, have been exploited as good 
candidates for biological applications.2 
Among all the nanoparticles, gold nanoparticles possess unique optical properties and low 
cytotoxicity,3-9 making them especially good optical imaging probes in biological applications.2,10-
15 Gold nanoparticles can be synthesized in a very wide range of diameters, from a few nanometers 
to several hundred nanometers. Ligand protected gold nanoparticles are usually stable for long 
periods of time and Gold nanoparticles can be readily modified with biomolecules, including 
protein, peptide, DNA/RNA, etc. Localized surface plasmon resonance (LSPR) of gold 
nanoparticles is a remarkable optical property which is responsible for producing strong scattering 
and absorption signals. 
 
2. Application of Single Molecule and Nanoparticle Imaging 
2.1 Biological systems 
Single molecules and single nanoparticles are two frequently used probes in biological 
systems. Behaviors of individual biomolecules in their native environments and their roles in 
cellular processes have gained the attention from more and more researchers in chemistry and 
biochemistry.16 In the traditional methods, such as western blot, perhaps because the protein is not 
in its native environment, the stoichiometry results are often ambiguous. On the other hand, single 
molecule detection allows less invasive and more quantitative measurements of reaction 
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parameters and molecular concentrations, and shows more precise distributions of biomolecules 
inside cells. Single molecule kinetics/dynamics analysis17-19 and super-resolution imaging20-23 are 
currently the most attractive and actively pursued single molecule analysis methods for cell 
imaging. Recent examples of single molecule imaging in cells include measuring reaction kinetics 
by single pair fluorescence resonance energy transfer (spFRET) and tracking single molecule 
dynamics along the cytoskeleton network or in the plasma membrane.24-27 Single molecule 
detection has also been used in counting molecular events in living cells.28 
Nanoparticles have been used as alternatives to fluorescent probes in optical imaging 
experiments. Nanoparticle imaging probes usually display better photo-stability for long-term 
observation. Among the wide variety of nanoparticle probes, gold nanoparticles are good 
candidates for diagnostic therapy and drug delivery into cells.29 The cellular uptake of gold 
nanoparticles depends on nanoparticle size, shape, and surface modification. Uptake pathway of 
gold nanoparticles into cells includes clathrin-mediated endocytosis, caveolae-dependent 
endocytosis, pinocytosis macropinocytosis and phagocytosis.30 Nanoparticle localization and 
counting have been demonstrated under confocal, dark/bright field, and differential interference 
contrast (DIC) microscopy. Modified DIC microscopy supplies an opportunity to detect and 
distinguish gold nanoparticles from other nano-objects in live cells. Gold nanoparticle detection in 
live cell is based on the wavelength-dependent image contrast. Tracking gold nanoparticle on cell 
membranes and inside cells during the diffusion, endocytosis, and intracellular transport processes 
are currently the most significant biological applications.31-34 
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2.2 Microfluidics and nanopores 
Miniaturization has been one of the most active research directions in analytical chemistry in 
the past two decades.35-38 Microfluidics with sub-millimeter length and micrometer thickness and 
width has seen many applications in information processing, clinical diagnoses,39,40 
nanomaterial/chemical synthesis,41,42 biotechnology, and life science.43-45 The flow velocity is 
critical to control many phenomena at the single molecule level, such as adsorption and diffusion 
on or near a functionalized surface and single molecule fluorescence resonance energy transfer. 
Microfluidics provides a more controllable flow, which enables to optimize the reaction efficiency 
and supplies longer optical interrogations.46 Micro-/nano-scale systems with high surface-to-
volume ratio transfer mass and heat with the environment fast and effectively, which results in 
better control over diffusion and temperature. The most widely used material in microfluidics 
includes glass and poly(dimethylsiloxane) (PDMS), which are both transparent in the visible 
range. Furthermore, PDMS with elastomeric property enables flow control and object 
manipulation, which can be used to build integrated multi-functional microfluidic systems.  
The properties of microfluidic devices have made them highly useful in single molecule and 
nanoparticle imaging experiments. They have been used extensively in the research projects I have 
been involved with.  
Nanopores with a diameter from several nanometers to several hundred nanometers have been 
employed in chemical and biophysical studies. Molecular transport, including diffusion, migration 
and adsorption/desorption, in nano-confined environments is different from that in bulk solution, 
and it is essential in our efforts to understand chemical separations47-49, controlled drug release, 
catalysis50, enzymatic reactions and trans-cell membranes processes. Nanopores material includes 
biological pores, such as protein pores51-53, polymer nanopores54,55, inorganic nanopores (e.g., 
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silicon/silicon dioxide nanopores56,57, alumina nanopores58,59, titanium dioxide nanopores60-62 and 
graphene nanopores63-65). Among all of these nanopores, inorganic aluminum oxide membranes, 
which have uniformly-structured nanoscale pores with a diameter from 20 nm to 200 nm, are of 
particular interest in my research. The alumina membranes have high thermal and chemical 
resistance and excellent mechanical properties. Aluminum oxide porous membranes have been 
used in my research to study the diffusion, migration and translocation of single protein and DNA 
molecules.66-69 Others have also used them in various research fields, including chemistry,70 
biology,71,72 medicine,73,74 and electronic engineering.75 
 
2.3 Photocatalysis 
Single molecule catalysis is a relatively new way of studying individual turnover events on 
single nanocatalysts. Single molecule imaging in catalysis is based on the product fluorescence 
signal, e.g. amplex red, a non-fluorescent molecule, is catalyzed by gold or platinum nanoparticles 
to resorufin with strong fluorescence emission.75-80 GC-MS and electrochemical mass 
spectrometry are conventional, non-optical methods to detect the catalyzed products in pollutant 
removal experiment, such as the catalysis of CO2 to CO.
81,82 Metal nanoparticles, such as Pd, Pt, 
Au, Ag, Cu, Ni, Fe, etc., are most widely applied nanocatalysts. Some biomolecules can also be 
used as catalyst, such as horseradish peroxidase which is a protein and electron donor in the 
catalysis of amplex red to resorufin.  
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3. Single Molecule and Nanoparticle Imaging Techniques 
3.1 Epi-fluorescence microscopy 
Epi-fluorescence microscopy is the simplest form of wide-field microscopy imaging. In this 
mode, the illumination light passes through the entire depth of the sample in a relatively large field 
of view. It allows the parallel detection of many molecules of interest; however, it often suffers 
from poor image contrasts when compared to other more advanced modes. The basic principle of 
the epi-illumination is shown in Figure 1.  
 
3.2 Total internal reflection fluorescence microscopy (TIRFM) 
TIRFM is a type of wide-field optical microscopy technique used to observe fluorescent 
objects at the interface between two media of different refractive indexes. In TIRFM, the incident 
light beam illuminates the two medium from a high (n1) to low (n2) refractive indexes with an 
incident angle greater than the critical angle. The critical angle is given by: 
1
2 1sin ( / )c n n
  
Under this condition, the incident light beam is total internal reflected back to the high refractive 
index medium. The evanescent filed is generated and propagates parallel to the interface. This 
electromagnetic field extends only a few hundred nanometers into the low refractive index 
medium. The evanescent filed decreases exponentially as the distance from the interface increases. 
The excitation depth is related with the incident angle (θ), the excitation wavelength (λ), and the 
refractive indexes, as shown in the following equation: 
2 2
1 2
( )
4 ( sin )
d
n n


 


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The evanescent field intensity (I) exponentially decays with the vertical distance (z) from the 
interface and drops to 1/e of the value at the interface over the depth (d):  
z/d( )
(z) (0) eI I
  
There are two type of TIRFM, the objective type and prism type. As shown in Figure 2, the 
prism type makes it convenient to adjust the incident angle more accurately, while the objective 
type TIRFM provide an easy access for detecting cells and tissue samples. Since the first 
visualization of single fluorophore molecules on the glass surface was demonstrated in 1995, 
TIRFM has become a reliable and powerful technique for studying single molecule dynamics at 
liquid/solid surfaces and cell membranes.  
 
3.3 Confocal microscopy 
In epi-fluorescence microscopy, the excitation volume at z direction is essentially the entire 
sample depth. This illumination scheme results in relatively high fluorescence background from 
outside of the focal plane, and therefore, lower SNR. To reject the interference from the out of 
focus background, confocal microscopy is invented. By restricting the detection volume, the 
technique prevents overlying or nearby emitters from contributing to the detected signal. Point 
detectors are often used on a confocal microscope, such as avalanche photodiodes (APD), which 
allows a microsecond temporal resolution.  
Photodecomposition and photobleaching of single molecules within the small detection 
volume under intense laser excitation can be a limitation of confocal microscopy for single 
molecule imaging. Fluorescent nanoparticles can be good probes for dynamic tracking due to 
improved photostability. Nanoparticles have been tracked in living cells or on cell membranes with 
confocal microscopy. A confocal image is created by raster scanning the sample stage underneath 
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the laser spot, typically with a motorized piezo stage. One primary advantage of confocal imaging 
is that it offers a better resolution along the z direction, which enables the optical sectioning of 
thick samples. By multiple scanning in the z direction, the three-dimensional structure of the 
sample can be reconstructed. 
 
3.4 Differential interference contrast (DIC) microscopy 
DIC microscopy is a visible light microscope with interferometric functionality to increase 
the contrast of transparent samples.84,85Theschematic drawing is shown in Figure 3.83,84 DIC 
microscopy components include a pair of polarizer-analyzer and two Nomarski prisms. The 
illumination light beam passes the first polarizer and initially polarized by 45°. Then polarized 
illumination light beams are split into two orthogonal beams with lateral displacement, of which 
the distance is called shear distance. The shear distance is smaller than the resolution of the 
microscope. Then two light beams are focused and guided to the specimen by a condenser. Because 
of the shear distance between the two beams, they experience different optical density. Then the 
two beams are recombined at the second Nomarski prism and the shear distance is removed. The 
recombined beams interfere to produce amplitude contrast when they pass the analyzer. Gold 
nanoparticles show good contrast and this contrast depends on the wavelengths, which makes gold 
nanoparticles a good imaging probe in living cells. Chapter 3 reports the use of gold nanoparticles 
as drug delivery carriers and imaging contrast probes to study stem cell proliferation. 
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3.5 Super-resolution microscopy 
Wide-field microscopy allows one to detect single molecules and nanoparticles with a spatial 
resolution ~250nm due to the diffraction of light. The resolution can be calculated with the 
following equation. 
1.22
. .(obj) . .(cond.)
d
N A N A



 
where λ: wavelength; N.A.(obj.): objective numerical aperture; N.A.(cond.): condenser numerical 
aperture. Numerical aperture is also defined by (α): N.A. = n • sin (α), where n is the medium 
refractive index and α is the aperture angle. By using larger N.A. objective and condenser one can 
achieve better resolution within the diffraction limitation.  
There are several super-resolution microscopy techniques to break the fundamental barrier of 
light diffraction, such as stochastic optical reconstruction microscopy (STORM), photoactivated 
localization microscopy (PALM), stimulated emission depletion (STED) microscopy, and 
scanning probe microscopy (SPM).  
A brief introduction of STORM is provided here because many concepts used in STORM are 
used in my research.  
STORM and PALM are similar techniques demonstrated by different groups.85-91 To perform 
STORM or PALM, photoactivatible fluorophores and two lasers are applied. The first laser at a 
longer wavelength and higher power is used to bring the fluorophores to dark state while the second 
laser at a short wavelength reverse the dark-state fluorophores back to the excitable state. Local 
fluorophores are excited one by one randomly, as shown in Figure 4. The fluorescence spot give 
the point spread function. Gaussian functions are fit to the spots and generate highly accurate 
positions of individual molecules. The final images are reconstructed by accumulating the 
positional information of individual molecules, and the lateral resolution can be improved to20~30 
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nm. 3D STORM has also been demonstrated by inserting a cylindrical lens  in the optical path in 
front of the detector to purposely induce astigmatism, and the resolution in axial direction can be 
improved to 50~60 nm.92 
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Figure 1.Schematic drawing of epi-fluorescence microscopy. The excitation light irradiates the 
specimen. The emission is collected by the objective and directed by a dichroic mirror towards 
the detector.  
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Figure 2. Schematic drawing of TIRFM. Objective type TIRFM (left). Prism type TIRFM 
(right). 
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Figure 3.Schematic drawing of DIC microscopy. 
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Figure 4. Mechanism of STORM. (A) Schematic drawing of STORM instrument on an objective 
type TIRFM microscope. (B) Principle of improved resolution in STORM. When three dyes are 
located within 250 nm, they cannot be resolved if they are excited simultaneously under a normal 
fluorescence microscope. In STORM, the three dyes are controlled to be excited one by one. The 
location of each dye can be determined through centroid fitting. 
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Abstract 
Membranes with straight, vertical nanopores have found widespread applications in chemical 
and biological sciences, including separation, detection, catalysis and drug delivery. They can also 
serve as a model system to understand molecular behavior and fundamental mechanisms of 
separation, bridging the gap between conventional model systems such as flat surfaces and real 
chromatographic stationary phases such as micron-sized porous particles. We recently found that 
the axial motion of individual biomolecules inside nanopores can be significantly slower than in 
bulk solution. This suggests that either chromatographic adsorption was present and/or the 
viscosity inside the nanopores was unusually high. In this study, we measured the electrophoretic 
motion as well as the axial diffusion of individual nanoparticles in cylindrical alumina nanopores. 
We found that the electrophoretic mobilities and the diffusion coefficients of polystyrene 
nanoparticles were both smaller by a factor of 20~28 compared to bulk solution independent of 
particle size or pore diameter. The results confirm that the solution viscosity in nanodomains is 
anomalous.  
 
Introduction 
Molecular transport processes, e.g., diffusion, migration, and adsorption/desorption, at nano-
confined environments can be different from those in bulk solution. The understanding of these 
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phenomena is important to separations, controlled drug release, heterogeneous catalysis, and trans-
cell membrane biological processes, etc. Inorganic aluminum oxide membranes made by anodic 
oxidation are receiving increasing attention in recent years.1, 2 The most attractive feature of these 
membranes is that they contain uniform, well-structured nanoscale pores that are aligned 
perpendicular to the membrane plane, i.e., there is little contribution from tortuosity. The diameter 
of these parallel cylindrical pores depends on the applied voltage during anodic oxidation and can 
be varied between 20 and 200 nm with a tight distribution.2-6 In addition, these alumina membranes 
have high thermal and chemical resistance and excellent mechanical properties. For these reasons, 
they are interesting targets both in fundamental research and for real applications in chemistry,7 
biology,8, 9 medicine,10-12 and electronic engineering.13 
Alumina membranes are especially important in separation science, e.g., serving as membrane 
filters14 or as potential size-exclusion chromatography (SEC) stationary phases.15 SEC is widely 
used for the separation and purification of macromolecules such as proteins, polysaccharides, and 
nucleic acids.16 The underlying principle of SEC is that the elution time of macromolecules of 
different sizes through the stationary phase is dependent on different degrees of excursion into the 
pores due to accessibility and intraparticle obstruction. In addition to real applications, alumina 
membranes with cylindrical pores are important in chromatographic studies because they can serve 
as a model system to bridge the gap between conventional model systems, e.g., flat surfaces,17-21 
and real chromatographic materials e.g., micron-sized porous silica particles. In particular, the 
availability of nanopores with mono-dispersed size distribution allows one to correlate the pore 
size with the dynamic processes during separation for comparison with theory. The inner wall of 
the membrane can be further modified by plating a metal/metal oxides layer or by grafting self-
assembled monolayers.1, 22-25 Fine tuning the microenvironment within the pores will give us more 
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flexibility and power to control and understand the interfacial phenomena in these nanoscale 
domains.  
Recent studies showed that diffusion and transport of macromolecules through porous 
materials can be substantially slower than in bulk solution.26-31 A more recent study showed that 
when the inner wall of nanopores was treated to minimize adsorption, the diffusion coefficient of 
protein molecules was increased by two orders of magnitude as compared to that in similar sized 
untreated polycarbonate membrane pores, indicating that adsorption may be one of the factors that 
are contributing to the slow diffusion in the latter.32 However, diffusion in the former was still 
significantly slower than that in bulk solution, implying that the viscosity may be higher in the 
microenvironment of nanometer sized pores. In this study, we investigated the electrophoretic 
migration as well as axial diffusion of single nanoparticles through the nanopores in alumina 
membranes. Single particle imaging allows the removal of ensemble average and accounts for the 
poly-dispersity of each type of particles. More importantly, unlike previous studies that measure 
only the net transport of molecules across similar membranes, each particle here is already inside 
the nanopore. No assumptions about accessibility and adsorption outside the pores are necessary. 
Since viscosity is a common parameter in electromigration and axial diffusion, we can directly 
assess its dependence on the local environment. 
 
Experimental Section 
Materials. Porous alumina membranes with pore diameters of 100 nm and 200 nm and a 
thickness of 60 µm were purchased from Whatman International (Maidstone, UK). The 
membranes were preconditioned in the relevant buffer for 30 min before being used in the diffusion 
and electrophoretic migration experiments. Indium tin oxide (ITO) coated coverslips (20 × 20 mm, 
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70-100 ohms, Structure Probe, Inc.) were used as the electrodes to apply electrical field across the 
porous membrane.   
The 85 nm and 50 nm polystyrene particles were purchased from Duke Scientific (Fremont, 
CA). The actual diameters were 88 ± 8 nm and 51 ± 7 nm, respectively, according to the 
manufacturer. 100 nm polystyrene nanoparticles that were surface-activated with carboxylate 
groups were purchased from Invitrogen/Molecular Probes (Eugene, OR). The actual diameter was 
100 ± 6 nm. The reported concentrations for the original 85 nm and 50 nm nanoparticle solutions 
were 3.0 × 1013 and 1.5 × 1014 particles/mL. The concentration of the 100 nm particles was 3.6 × 
1013 particles/mL. The refractive index of all three nanoparticles was 1.59. Nanoparticles were 
diluted 10,000-fold in 25 mM pH 9.0 CHES buffer solution (25 mM CHES buffer solution adjusted 
to pH 9.0 with 1.0 M NaOH) before observation. Coumarin 540A (Exciton, Dayton, OH) was 
chosen as the electroosmotic flow (EOF) marker in capillary and in nanopore electrophoresis 
experiments. 
Nanopore electrophoresis experimental setup. Figure 1a shows the schematic of the 
electrophoretic migration experiments in the nanopores. The alumina membrane was sandwiched 
between two ITO coated cover glasses. An 18 × 18 mm coverslip (Corning Co., NY) with a 6.0-
mm hole drilled in the center served as the spacer and reservoir between the bottom ITO glass and 
the alumina membrane. The spacer and the bottom ITO glass were sealed with nail polish to 
prevent leaking. 20 µL CHES buffer solution was added in the reservoir before being covered by 
the membrane. 5 µL diluted nanoparticle solution was added on top of the membrane. The top ITO 
glass then covered the porous membrane. The top ITO glass and the membrane were separated by 
2 pieces of 160-m double-sided tape serving as spacers, leaving a buffer layer of 100 m between 
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the ITO glass and the membrane. Conductive wires attached to the upper and bottom ITO glasses 
were connected to a DC power supply (Power Design Inc.) that had a precision of 0.001V. 
Figure 1b shows the schematic of the observation geometry in the diffusion and 
electrophoretic migration experiments. The focal plane was set at 3 m beneath the porous 
membrane/solution interface. The full width at half maximum (FWHM) of the focal depth was 
measured to be 1.67 m (Supplementary Figure 1). This observation geometry (3 m inside the 
membrane as compared to the 200 nm pore diameter) guaranteed that a diffusing particle could 
“sample” all radial positions many times before it escaped from the pore.  
Single particle fluorescence microscopy. An upright Nikon 80i Eclipse microscope was 
used in the epifluorescence mode in acquiring particle images. In the electrophoretic migration 
and diffusion experiments, a 100× Plan Apo/1.40 oil immersion objective was used to focus the 
illumination light from a mercury lamp and to collect the fluorescence signal. In the studies of the 
distribution of particles in the whole membrane where a longer working distance was needed, a 
40× air objective (Zeiss) was used. A Photometrics Evolve 512 camera (Photometrics, Tucson, 
AZ; cooled at -80 OC, 512 × 512 imaging array, 16 m × 16 m pixel size) or an Andore Ixon DV 
897 camera (Belfast, Northern Ireland; cooled at -50 OC, 512 × 512 imaging array, 16 m × 16 
m pixel size) was used to image individual nanoparticles. A digital rotary motor (Sigma Koki, 
Japan) coupled with the microscope stage was used to control the vertical position of the sample. 
The CCD camera and the stage were synchronized by a home-written C++ computer program.33 
MATLAB and NIH ImageJ programs were used to analyze the collected images and videos. 
CE experimental apparatus. A Beckman Coulter MDQ System (Fullerton, CA) with a laser-
induced fluorescence module was used in particle CE experiments. The excitation wavelength was 
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488 nm from an argon laser. The fused silica capillary was 50 cm in length (39 cm to detector) and 
75 µm in inner diameter (Polymicro Technologies, Phoenix, AZ).  
Before use, the capillary was conditioned with 1.0 M NaOH for 10 min, deionized water for 
10 min, and then flushed with the relevant buffer for 30 min. Between two CE runs, the capillary 
was rinsed with 25 mM NaOH for 5 min, deionized water for 2 min and the relevant buffer for 10 
min.  In each CE run, the nanoparticle sample solution was injected at 0.5 psi for 30 s and then 
driven by 25 kV.  
Coumarin 540A was used as the EOF maker. Coumarin 540A was dissolved in methanol as 
a 1.0 mM stock solution. In each CE run, it was used independently or added to the particle solution 
with a final concentration of 1.0 µM. The concentrations of 85 nm and 50 nm particles injected 
into the capillary were 3.0 × 1011 and 1.5 × 1012 particles/mL respectively.   
Zeta potential. A Malvern Nano HT Zetasizer was used to measure the ζ-potentials of the 
particles. Particles were suspended in 25 mM pH 9.0 CHES buffer. Both 85 nm and 50 nm particle 
solutions were diluted to a final concentration of 3.0 × 1011 particles/mL. After vortexing for 5 
min, the ζ-potential was measured and 20 scans were taken of each sample.  
 
Results and Discussion 
Enumeration of particles. Porous alumina membrane is a highly scattering medium. In order 
to avoid observation bias caused by scattering at different depths, the distribution of nanoparticles 
inside 200 nm nanopores was investigated. Briefly, 100 nm particle solution with a concentration 
of 3.6 × 109 particles/mL was added to the reservoir and a 1.5-V electric voltage was applied for 
180 s to expedite the migration of the particles into the cylindrical pores. The electric field was 
then turned off and the system was incubated for 300 s to reach distribution equilibrium. The 
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membrane was then scanned vertically with a 40 × air objective (NA = 0.75) to image the particles 
distributed inside the membrane. The particle numbers at each depth were counted and plotted in 
Figure 2. The distribution of the nanoparticles in the whole alumina membrane is nearly uniform, 
indicating all particles were counted and fluorescence signal loss due to scattering will not affect 
the enumeration of particles at different depths of the membrane. Figure 2 also shows that there 
are no obstructions inside the nanopores that would prevent the nanoparticles, especially the 
smaller ones used in subsequent experiments from passing all the way through. That is, the 
contribution from constriction34 can be neglected. 
Electrophoretic mobility of nanoparticles in bulk solution. Bulk electrophoretic mobilities 
of 85 nm and 50 nm nanoparticles were measured by using capillary electrophoresis in 25 mM 
CHES buffer adjusted to pH 9.0. The elution times for Coumarin 540A, 50 nm and 85 nm particles 
were 2.20 min, 4.88 min and 5.91 min, respectively (Figure 3). Coumarin 540A is a neutral dye 
that can be used to determine the electroosmotic mobility.35 In the presence of nanoparticles, some 
adsorption took place to create a mixture of slower migrating complexes. The fastest migrating 
species in Figure 3 was the free dye. In the calculations, the equations below were used: 
E
vEOF
EOF         (1) 
E
vApp
App         (2) 
EOFAppEp    
     (3) 
where EOF is the electroosmotic mobility; App and Ep are the apparent and native electrophoretic 
mobilities of the nanoparticles, respectively; E is the electric field applied across the capillary 
column; vEOF and vApp are the absolute velocities of the electroosmotic flow and the nanoparticles, 
respectively; v is calculated from: 
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t
L
v           (4) 
where t is the time the particle spent travelling an effective length L.   
The observed EOF is large and is in the order of 10-8 m2V-1s-1, which is consistent with the 
literature values for silica surface.36-38 The absolute value of the electrophoretic mobility of 85 nm 
particles is larger than that of 50 nm particles, causing the 85 nm particles to elute behind the 50 
nm particles due to the opposite direction of the EOF. Their mobilities are -4.4×10-8 m2V-1s-1 and 
-3.9×10-8 m2V-1s-1, respectively. The ratio of mobilities is fairly consistent with the -potential 
ratio (-48 mV for 85 nm and -37 mV for 50 nm particles, respectively), confirming that the 
electrophoretic mobility of the nanoparticles abides by the Smoluchowski equation39 and is 
dictated by the surface charge: 
 
R
q
Ep


6
        (5) 
where  is the viscosity of the solvent; R is the radius of the particle and q is the surface charge on 
the particle.  
Electrophoretic mobility of nanoparticles in nanopores. The electrophoretic mobility of 
nanoparticles in cylindrical nanopores can be estimated in a similar way using Equations 1-4. 
However, the measurements were more complicated for electrophoresis in the nanopores of a 
membrane filter that is only 60 m thick. To accomplish this, we designed an experimental 
apparatus as illustrated in Figure 1. By watching the particles move vertically through a fixed depth 
inside the cylindrical nanopores under a known electric field, we were able to measure all of the 
variables in Equations 1-4.   
In this setup, the effective length L is the depth of the focal plane of the microscope objective 
used in collecting the fluorescence signals from the particles. The depth of the focal plane is 
29 
 
 
characterized as the full width at half maximum (FWHM) of the point spread function (PSF) of 
the microscope. In practice, immobilized nanoparticles on a glass coverslip were scanned 
vertically and their z-intensity profiles were plotted. The FWHM of 40 z-intensity profiles of 85-
nm and 50-nm particles each were analyzed and the average was determined to be 1.67 ± 0.2 µm. 
In the electrophoretic migration experiments, when a nanoparticle migrates into and then leaves 
the focal plane that is placed deep inside the membrane, it generates an intensity-time trace with 
an appearance of a boxcar function. To determine the time the particle spent in the focal plane, i.e., 
the duration over which a particle is “in focus”, the threshold is further set at the half intensity 
maximum to judge whether the particle is in or outside the focal plane. By using this criterion, we 
can estimate the vApp of the particles. In effect, the calculation fits the PSF (the observation depth) 
to the stochastic motion that is characteristic of single particles so as to provide better statistics 
than if the depth of the nanoparticle was monitored over time. 
To obtain the App of the particles, the effective electric field applied across the cylindrical 
nanopores must be known. Due to the existence of the buffer reservoirs at both sides of the 
membrane, the voltage applied across the membrane does not equal the total voltage applied on 
the 2 ITO glasses. However, the effective voltage Ueff can be estimated according to Ohm’s law:  
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        (6)  
where Utotal is the total voltage applied across the 2 ITO glasses; R1, R2, and R3 are the electric 
resistances of the buffer on top of the membrane, in the membrane, and below the membrane, 
respectively. The electric resistance is proportional to the resistivity of the buffer  and the 
thickness of the buffer layer L, and is inversely proportional to the cross section of the buffer layer 
S: 
SLR /        (7)  
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In our experimental setup, the upper buffer layer had a cross section of 1.96 cm2 (the ITO 
glass active area) and a thickness of 100 µm (height of the double-sided tape spacer minus the 
membrane thickness). The bottom layer had a cross section of 0.28 cm2 (the size of the drilled 
hole) and a thickness of 120 µm (the thickness of the spacer). The membrane thickness was 60 
µm. The effective area that can pass buffer is estimated to be 43% from SEM images of the porous 
membranes. Thus, for a piece of membrane with a diameter of 1.3 cm, the effective area was 0.57 
cm2. Since the same buffer was used throughout the vertical nanopore electrophoresis apparatus, 
the resistivity of the buffer cancels out in Equations 6 and 7. Combining Equations 6 and 7, we 
determined that Ueff is 18% of the total voltage applied on the 2 ITO glasses.  
In the experiments, the focal plane was set at 3.0 μm beneath the membrane/buffer interface 
to avoid extra signal loss due to scattering while keeping the observation away from the 
entrance/exit of the nanopore so as to better reflect the migration in an “infinite” cylindrical tube. 
The CCD camera was kept on all the time to capture any particles that were migrating through the 
fixed focal plane. By using this sitting-and-watching approach, we recorded the electrophoretic 
migration times of 85 nm and 50 nm particles at several different voltages (Figure 4). For a typical 
single-particle electrophoretic migration intensity trace, please see Supplementary Figure 2. For 
each experimental condition, over 150 particles were analyzed.  
From Equations 1-4, we were able to estimate the apparent electrophoretic mobility of 
particles in the nanopores (Figure 4). We note that unlike capillary electrophoresis, the migration 
times of individual particles showed a broad distribution. The stochastic behavior is typical of 
single-particle events and may come from 2 reasons: (1) the particle size and thus the surface 
charge of the particles varied from particle to particle. The manufacturer reported that the relative 
standard deviation for the particle size is 10~15%; and (2) the pore size varied from nanopore to 
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nanopore. From the SEM image of the alumina membranes, we estimated that the pore area 
variation is ~ 20% of the average pore area. These variations may contribute to the distribution of 
the electrophoretic migration times of the particles. Also, at each experimental condition, there 
were always a few particles that stayed in the focal plane for an extended period of time. We 
assume that these particles were either sterically hindered by irregular pore geometry or transiently 
adsorbed on the pore wall due to the same mechanism that causes the tailing problem in 
chromatography. To avoid their adverse effect on averaging, the median instead of the mean of the 
migration time distribution was used to calculate the particle migration velocity and mobility.  
It is also noted that unlike capillary electrophoresis in silica columns, the particle migration 
direction is opposite to that of EOF direction in alumina nanopore electrophoresis. This is because 
silica surfaces are usually densely charged so that a large EOF flow is generated in such 
capillaries.36-38 The result is that all particles will move with EOF in CE. In nanopores, the EOF 
generated by an alumina surface is much smaller compared to that generated by a silica surface.36-
38 The result is that the electric field drives the negatively charged particles going against the EOF 
toward the anode (from top to the bottom in Figure 1).  
To confirm this, we measured the EOF in the nanopores using the same electrophoresis 
apparatus and the sitting-and-watching approach using Coumarin 540 dye. The focal plane was set 
right at the exit side of the membrane/buffer interface thus the total effective migration length was 
60 m. The neutral dye Coumarin 540A was used and was added to the bottom reservoir. Once 
the electric field was turned on, the acquisition of the images was also started. From the time it 
takes for Coumarin 540A to reach the focal plane at the opposite (top) side of the membrane, we 
were able to calculate the EOF mobility under that applied voltage (Supplementary Figure 3a). 
Two voltages, 1.5V and 1.0 V, were examined and the measured EOF of 6.7x10-10 m2/s/V were 
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nearly identical, consistent with the literature reports. The fact that the same electroosmotic 
mobility was found at 2 different voltages indicate that the potential was applied correctly and 
neither the diffusion of coumarin nor surface charge on the membrane contributed to the observed 
EOF. When no electric field was applied, no increase in the fluorescence signal was found at the 
focal plane. In fact, the observed fluorescence intensity decreased gradually over time as a result 
of photobleaching (Supplementary Figure 3b). This further confirms that the increase in dye 
concentration at the opposite side of the alumina membrane was not due to free diffusion of the 
molecules. 
The estimated electrophoretic mobilities of the nanoparticles and the electroosmotic flow in 
the nanopores are listed in Table 1. In particular, for 1.0V or 1.5V applied on the ITO glasses, App 
for either particle in either size pores were roughly same. Yet, these electrophoretic mobilities are 
significantly smaller than those measured in bulk experiments, i.e. capillary electrophoresis with 
a column diameter of 75 m. The contributions of surface adsorption to the low mobilities in Table 
1 can be assessed for differently sized nanoparticles moving in differently sized pores. The 
adsorption probability is proportional to the ratio of the surface area to the available volume (A/V, 
in units of nm-1) inside the nanopores. For 85 nm particles in 100 nm and 200 nm pores, A/V is 
1.09 and 0.026 respectively. For 50 nm particles, A/V is 0.060 and 0.022 respectively. That is, 
adsorption should affect each combination of particle and pore sizes significantly differently. Since 
all of the observed mobilities (for both particle sizes and both pore sizes) were similar, we can 
conclude that adsorption is not the primary reason for the decrease compared to bulk mobilities.  
Diffusion of nanoparticles in nanopores. To fully understand the origin of slow migration 
of the nanoparticles in nanopores, we also investigated the axial diffusion behavior of the particles 
inside nanopores. The same sitting-and-watching approach was used except that no electric field 
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was applied and images were recorded by a CCD camera with an integration time of 50 ms for 
both 85 and 50 nm particles. The particles diffusing in and out of the focal plane are purely driven 
by thermal activity. The same fluorescence intensity fluctuation of the particles as a function of 
time was recorded (Supplementary Figure 4). To extract the diffusion coefficient of the 
nanoparticles in such a one-dimensional cylindrical tube, the autocorrelation function G() of the 
fluorescence intensity fluctuation trace was calculated and fitted with the theoretical function of 
1-D diffusion:4  
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
       (8) 
where N is the mean molecule number in the detection volume;  D is the diffusion coefficient, and 
z0 is the focal plane thickness. Fitting provides better statistics than simply monitoring the 
trajectory of individual particles over time. 
By fitting Equation 8 (Figure 5) to more than 30 intensity fluctuation traces each containing 
1000 consecutive images, we obtained the diffusion coefficients in 200 nm nanopores to be 2.4 × 
10-13 m2/s for 85 nm particles and 3.7 × 10-13 m2/s for 50 nm particles (Table 2). These diffusion 
coefficients can alternatively be predicted by the Einstein–Stokes equation: 
  R
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6
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(9) 
where kB is the Boltzmann constant and T is the temperature. The theoretical values in water 
(are 5.0 × 10-12 m2/s for 85 nm particles and 8.5 × 10-12 m2/s for 50 nm particles, and are 20 
times and 23 times larger than the corresponding diffusion coefficients measured here in the 
nanopores.  
Consistency of anomalous diffusion coefficients and electrophoretic mobilities in 
nanopores. It is interesting to note that the nanoparticles show both slow electromigration and 
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slow diffusion in nanopores. More importantly, the decreased factors are roughly the same for 
diffusion and migration and for either size of particles, pointing towards a common mechanism. 
Specifically, for 85 nm particles, electrophoretic migration slows down by a factor of ~28 while 
diffusion slows down by a factor of 20 (Tables 1 and 2). Similarly, the 50 nm particles have a 
mobility ~22 times smaller and a diffusion coefficient 23 times smaller. 
We further note that the transit times through the focal plane in the electromigration 
experiments are much shorter than in the free diffusion experiments, being subsecond in Figure 4 
vs. seconds in Figure 5. The contribution of surface adsorption to our measurements should thus 
be much less in the former case compared to the latter case. Adsorption can also be ruled out since 
the difference in A/V inside the nanopores did not result in a difference for the two particle sizes 
in two different pore sizes, vide supra. The fact that all motions show the same retardation 
compared to bulk solution indicates that the microenvironment inside the nanopores is different 
from that in the bulk solution. 
It has been shown that the intraparticle obstruction factor in size-exclusion chromatography 
can result in up to a factor of 100 difference in apparent diffusion coefficients inside the pores 
versus in bulk.40 Here, tortuosity and constriction can be rule out, vide supra. If the Smoluchowski 
equation (Equation 5) and Einstein-Stokes Equation (equation 10) both hold in the nanopore 
environment:  
  R
Tk
D
Pore
B
Pore
6

       
(11) 
  R
q
Pore

6
       
 
(12) 
where the subscript “Pore” denotes the apparent values measured in the nanopores, we can obtain 
the apparent viscosity Pore from both the electrophoretic migration and the diffusion experiments. 
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The conclusion is that the apparent viscosity in the nanopore environment is 20~28 times larger 
than that in bulk solution. Finally, this increase in viscosity is also in the same order as the factor 
of 100 increase observed for the diffusion of protein molecules in PEG-coated polycarbonate 
nanopores compared to bulk solution.26 
 
Conclusion 
The objective for this study is to find the origin of the extremely slow axial diffusion of 
molecules/particles in nanopores. We measured the electrophoretic motion of individual 
polystyrene nanoparticles in cylindrical alumina nanopores with different size combinations. The 
axial diffusion of the particles in the pores is also measured. It is found that the electrophoretic 
mobilities and the diffusion coefficients of particles were both substantially smaller compared to 
those in the bulk solution, independent of particle size or pore diameter. The effective A/V ratio 
inside the nanopores cannot account for the difference between the two particle sizes in two 
different pore sizes, indicating adsorption can also be ruled out. While this phenomenon requires 
further investigation, we suggest that the microenvironment in the nanopores is anomalous. The 
electrophoretic mobility and diffusion experiments both point to the scenario that the apparent 
macroscopic viscosity is anomalously large in the nanopores. 
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Figure 1. Schematic of the experimental setup for nanopore electrophoresis. (a) The sandwich 
setup for the electrodes and nanoporous membrane. (b) The observation geometry. The focal plane 
was set at 3 m below the surface of the porous membrane and the aqueous solution. The full 
width at half maximum of the focal depth was measured to be 1.67 m. The graph was drawn to 
scale.   
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Figure 2. Vertical distribution of 100 nm particles in an alumina porous membrane with 200 nm 
pores after equilibrium was established. The particle numbers are the total counts at depths spaced 
every 12 µm.  
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Figure 3. Capillary electropherograms of (a) coumarin 540A only, and (b) mixtures of coumarin 
540A, 85 nm and 50 nm particles. Coumarin adsorbs onto the nanoparticles and slows down when 
placed in the same solution, so a distorted peak is observed in (b) compared to (a). The CE 
experiments were run in 25 mM CHES buffer at pH 9.0. The observed electrophoretic mobilities 
of the 85 and 50 nm particles are listed in Table 1. 
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Figure 4. Histogram of electrophoretic migration times of 85 nm and 50 nm particles going through 
the focal plane of a 100× microscope objective (a distance of 1.67 m) in 200 nm cylindrical 
nanopores. (a) and (b) are for 85 nm particles;  (c) and (d) are for 50 nm particles. The indicated 
voltages are the total voltage applied across the 2 ITO glasses.   
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Figure 5. Autocorrelation functions and theoretical fittings of the fluorescence intensity fluctuation 
traces caused by single particles diffusing in one-dimensional cylindrical nanopores. (a) 85 nm 
particles. (b) 50 nm particles. The black curves are the experimentally obtained autocorrelation 
functions and the red curves are the theoretical fits.  
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Table 1.  Electrophoretic mobilities (m2V-1s-1) of nanoparticles and solution electroosmotic 
mobilites. By convention, the EOF direction is always positive. All velocities and electrophoretic 
mobilities are vectors.   
 
 
 100 nm nanopores 200 nm nanopores Bulk 
 1.0 V  1.5 V 1.0 V 1.5 V CE 
85 nm particles      
EpBulk - - - - -4.4×10
-8 
AppPore -1.1×10
-9 -1.1×10-9 -0.87×10-9 -0.68×10-9 - 
epPore -1.8×10
-9 -1.7×10-9 -1.5×10-9 -1.3×10-9 - 
EpBulk /EpPore 25 26 29 33 - 
50 nm particles      
EpBulk - - - - -3.9×10
-8 
AppPore -1.4×10
-9 -1.2×10-9 -0.95×10-9 -0.78×10-9 - 
EpPore -2.0×10
-9 -1.9×10-9 -1.6×10-9 -1.5×10-9 - 
EpBulk /EpPore 19 20 24 26 - 
EOF      
EOF - - +6.7×10
-10 - +7.0×10-8 
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Table 2. Apparent axial diffusion coefficients of nanoparticles.  
 
85 nm particle 
 Experimental data Bulk theory 
D (m2s-1) 2.4×10-13 5.0×10-12  
DBulk / DPore 20 - 
50 nm particle 
 Experimental data Bulk theory 
D (m2s-1) 3.7×10-13 8.5×10-12  
DBulk / DPore 23  - 
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Supplementary Information 
 
 
Supplementary Figure 1. An example of the fluorescence intensity as a function of axial position 
for 85 nm particles immobilized on the glass surface. 
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Supplementary Figure 2. Examples of fluorescence intensity-time traces of migrating 
nanoparticles passing through the microscope focal plane under an applied voltage. The camera 
gain was adjusted according to signal strengths for the best signal-to-noise ratio for particles with 
different sizes. 
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Supplementary Figure 3. a) Fluorescence intensity of Coumarin 540A migrating with the 
electroosmotic flow under 1.0 V applied voltage. . b) Fluorescence intensity of Coumarin 540A 
in control experiment, i.e., without applied voltage. 
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Supplementary Figure 4. Examples of fluorescence intensity-time traces of diffusing 
nanoparticles going into and out of the microscope focal plane inside cylindrical nanopores. 
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CHAPTER 3.  GOLD NANOPARTICLES AS DRUG DELIVERY VEHICLE AND 
IMAGING CONTRAST PROBES IN STEM CELLS PROLIFERATION  
Rui Han, Eun-ah Ye, Donald Sakaguchi, Ning Fang 
A paper to be submitted 
 
Abstract 
Plasmonic gold nanoparticles (AuNPs) have been demonstrated to be stable and versatile 
optical imaging probes. Recently, we have developed differential interference contrast (DIC) 
microscopy based techniques to track single plasmonic nanoparticle in cellular environments. The 
present study demonstrates an effort to realize the full potential of new optical imaging techniques 
in stem cell research. AuNPs were dual-surface modified with basic fibroblast growth factor 
(bFGF) and cell penetrating peptide, and they served as both drug delivery carriers and optical 
imaging probes. The results showed that functionalized AuNPs were delivered to the stem cells 
efficiently and stimulate stem cell proliferation successfully. 
 
Introduction 
Because of strong localized surface plasmon resonance (LSPR) enhanced absorption and 
scattering, as well as biocompatibility and photo stability,1-7 AuNPs have been widely used as 
optical imaging contrast agents and drug delivery carriers in biological and medical applications.8-
15 These research efforts generally consist of three main components: optical microscopy and 
spectroscopy, nanoparticle surface modification, and biological functions. Several optical 
microscopy techniques have been developed to visualize AuNPs in biological samples, including 
dark field microscopy,16-20 total internal reflection scattering microscopy (TIRSM),21-24 
51 
 
 
confocal microscopy,25-27 and differential interference contrast (DIC) microscopy.28-32 Among 
all of these imaging tools, DIC microscopy has been demonstrated to be especially suitable for 
biological imaging of AuNPs because it causes little disruption to cellular functions at a low level 
of illumination intensity and generates high contrast images for AuNPs with less interference from 
the surrounding. Furthermore, dual-wavelength DIC microscopy technique has been developed to 
differentiate AuNPs from other cellular features, such as endocytic vesicles in complex cellular 
environments.33-35 AuNPs show drastically different contrasts at the LSPR and non-LSPR 
wavelengths, while the rest of cellular features show similar contrasts at both wavelengths. 
AuNPs can be readily surface-modified with peptides,36-38 proteins,39,40 and DNAs and 
massager RNAs(mRNAs)41,42 for therapeutic and diagnostic purposes. For example, AuNPs were 
surface modified with TAT peptide, a cell penetration peptide from the HIV-1 protein TAT 
(residues 47-57: YGRKKRRQRRR), to facilitate the internalization of these particles into cells 
with high efficiency.36,38,43 AuNPs modified with specific DNA to differentiate different cell types 
was also reported. Yang et al. reported they used DNA and AuNPs conjugated to identify cancer 
cells.19 
Realizing the full potential of new physical science tools, such as the advanced imaging 
techniques, in biological and medical research is not a trivial task. The present study demonstrates 
an effort to maximize the capabilities of the DIC microscopy based plasmonic nanoparticle 
imaging techniques in stem cell research. More specifically, 60-nm AuNPs functionalized with 
basic fibroblast growth factor (bFGF) were delivered into adult hippocampal progenitor cells 
(AHPCs) to stimulate cell proliferation. The distributions of AuNPs in live and fixed cells were 
studied quantitatively. 
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bFGF is the primary inducer of mesoderm formation in embryogenesis, and it is involved in 
a variety of biological processes including cell proliferation, astrocytomas and angiogenesis, which 
makes bFGF a potent regulator of wound repair, angiogenesis, and neural outgrowth.44-46 These 
functions are mediated by interactions with FGF receptors to activate the tyrosine kinase and bFGF 
signal pathway and subsequent alterations in gene expression within responsive cells.47-50 The 
delivery of bFGF into cells has been accomplished by several different carriers, including 
mesoporous silica nanoparticles,51,52 chitosan–fucoidan nanoparticles,53 and polymer complex,54 
and AuNPs.55 Szlachcic et al. used AuNPs to deliver bFGF into cancer cells, and they 
demonstrated that localized heating by irradiating AuNPs with near-infrared (NIR) light can 
destruct FGF receptors and eventually kill cancer cells55. 
As one of the heparin-binding growth factor (HBGF) family proteins, bFGF has a high affinity 
for heparin and similar molecules. Heparin and heparin like molecules are required for bFGF to 
bind with FGF receptors.56 At least four distinct receptors for bFGF have been discovered (FGF 
receptor 157, FGF receptor 258, FGF receptor359, and FGF receptor 460). Generally, these FGF 
receptors can be divided in two groups, high-affinity receptors and low-affinity receptors. bFGF 
binding with FGF receptor confined AuNPs conjugated with bFGF,61 which enables us to 
determine spatial distribution of  FGF receptor in adult hippocampal progenitor cells (AHPCs). 
AHPCs are self-renewing, multi-potent neural progenitors that have the ability to differentiate 
into neurons, oligodendrocytes, and astrocytes. AHPCs continuously give rise to new neurons 
throughout life, which might be an important determinant of hippocampus-dependent function.62 
Identification and location of FGF receptor can supply more information to better understand the 
functional role of bFGF. Typically, the cellular localization of FGF receptor has been studied by 
immunohistochemistry and in situ hybridization.50,63,64 In this work, we designed and tracked 
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multi-functional AuNPs to supply a potential method to locate FGF receptors in fixed and live 
AHPCs. 
 
Experimental Section 
Materials and chemicals. TAT peptide (residues 47-57: YGRKKRRQRRR; cat. no.60023-
1) was purchased from Ana Spec (San Jose, CA). PEG-NHS ester disulfide (4,7,10,13,16,19,22, 
5,32,35,38,41,44,47,50,53-hexadecaoxa-28,29 dithiahexapentacontanedioic acid di-N-
succinimidyl ester) and FGF receptor inhibitor SU-5402 were purchased from Sigma-Aldrich (St. 
Louis, MO). Human bFGF, with a molecular weight of 17.5 kDa and containing 154 amino acids, 
was purchase from Promega (Madison, WI). Human bFGF enzyme linked immunosorbent assay 
(ELISA) kit was purchased from Life Technologies (NY, USA.)  The 60-nm citrate-capped gold 
colloidal solutions were purchased from BBI International (Cardiff, U.K.). The absorption spectra 
of the AuNP colloidal solutions were measured by a UV-Vis spectrophotometer (Varian Cary 
300). AuNP colloidal’s concentration and size distribution were verified by transmission electron 
microscopy, and the results agreed well with the manufacturer’s data, which are 4.3175 × 10-11 
mol/L and 60 ± 3 nm. 
DIC microscope. An upright Nikon Eclipse 80i microscope was used in this work. The DIC 
mode used a pair of Nomarski prisms, two polarizers, a 100× / 1.40 numerical aperture (NA) Plan 
Apo oil immersion objective, and a 1.40 NA oil immersion condenser. Movies and images were 
captured with a Hamamatsu Orca Flash2.8 CMOS camera (1920 × 1440 imaging array with a pixel 
size of 3.63 μm × 3.63 μm). When the DIC microscope was operated at a single wavelength, a 
proper band pass filter was inserted in the light path of the microscope. Band pass filters with 
central wavelengths in the range of 450 - 700 nm and a full width at half-maximum (FWHM) of 
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10 nm were purchased from Thorlabs (Newton, NJ). When the DIC microscope was operated at 
two wavelengths simultaneously, a Photometrics DV2 two-channel imaging system (Tucson, AZ) 
with a 565 nm dichroic filter and two sets of proper filters were installed. Movies and images were 
analyzed with NIH ImageJ (http://rsbweb.nih.gov/ij/). 
A computer-controlled rotary motor from Sigma Koki (model no. SGSP-60YAM) was 
coupled to the actuator of the microscope stage. The CMOS camera and the stage were 
synchronized by a home-written computer program. The motor speed and the camera’s exposure 
time were optimized according to DIC image contrasts. 
Dual modification of AuNPs with TAT and bFGF. Figure 1A showed the two-step scheme 
of the dual-surface modification of the 60-nm AuNPs with TAT peptide and bFGF through a PEG-
NHS ester disulfide linker, which has both disulfide for chemisorption to the gold surface and a 
succinimidyl functional group for the facile covalent coupling of TAT and bFGF. It should be 
noted that the N-terminus of bFGF is an appropriate location for conjugation with PEG-NHS 
disulfide, which is on the opposite side of the binding sites for FGF receptor and heparin. This 
functionalization strategy does not affect bFGF's ability to bind heparin and activate FGF 
receptors.61,65-67 
Briefly, 40 μL of 0.2-mM PEG-NHS ester disulfide solution prepared in 50-mM pH 7.2 borate 
buffer was added to 1.0 mL of the AuNP solution and mixed for 3 h. The solution was then cleaned 
up by centrifugation and resuspension in 2-mM borate buffer. 0.2 μg of TAT peptide and 20 μg of 
bFGF were added together to the AuNP solution and reacted at room temperature for 3 h. The 
solution was cleaned up again by centrifugation and resuspension in Earle's Balanced Salt Solution 
(EBSS, Invitrogen, Carlsbad, CA) several times to remove free TAT and bFGF and finally stored 
in 100 L of EBSS solution at -20C. 
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The concentrated bFGF-TAT-AuNP colloidal solution was diluted in the cell culture medium 
to a final concentration of ~2.6 ×109 particles/mL. The final particle concentration was estimated 
from the number of dilutions, and it was assumed that no particle was lost during the modification 
procedure. 
Figure 1B shows the UV-Vis spectrum of the original AuNP colloid solution and the bFGF-
TAT-AuNP colloid solution in cell culture medium. The LSPR peak for the functionalized AuNP 
solution was found red-shifted by ~ 20 nm. The zeta potentials of bFGF-TAT-AuNPs in DI water 
and cell culture medium were measured to be +20.2 mV and +25.3 mV, respectively, with Nano-
ZS90 Zetasizer (Malvern Instruments, United Kingdom). 
Quantification of surface coverage of bFGF on AuNPs. The amount of bFGF bound to 
AuNPs was quantified by a colorimetric ELISA kit. The supernatant was taken out of the 
functionalized AuNP solution after centrifugation and diluted by 100,000 fold. The amount of 
unbound bFGF in the diluted supernatant was quantified with bFGF ELISA kit following the 
manufacturer’s protocol, and then the total amount of bFGF in bFGF-TAT-AuNPs was calculated. 
Also the concentration of AuNPs is known, so the bFGF surface coverage on each AuNP can be 
calculated and the corresponding value is 250 bFGF molecules on one AuNP. 
Cell culture. AHPCs were planted on the glass coverslips coated with poly-L-ornithine (10 
μg/mL, Sigma-Aldrich) and laminin (10 μg/mL in Earle's Balanced Salt Solution, BD Biosciences, 
Bedford, MA) at an initial density of ~1,000 cells per coverslip. The AHPCs were propagated in 
complete medium containing Dulbecco’s modified Eagle’s medium/Ham’s F-12 (DMEM/F-12, 
1:1; Omega Scientific, Tarzana, CA) supplemented with N2 (Gibco BRL, Gaithersburg, MD), 20 
ng/ml basic fibroblast growth factor (Promega Corporation, Madison, WI), and 2.5 mM L-
glutamine (Gibco BRL, Gaithersburg, MD).68 
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Results and Discussion 
Cytotoxicity of AuNPs. We first studied the cytotoxicity of AuNPs with different surface 
ligands to AHPCs. Figure 2 shows the cell viability after three-day incubation of AHPCs in seven 
culture conditions. The first four conditions were culture medium with bare-AuNPs, TAT-AuNPs, 
bFGF-TAT-AuNPs and TAT peptide which were substituted 20 ng/mL bFGF. Another three 
culture condition groups were control groups: Modified minimal essential culture medium (MM), 
culture medium of Dulbecco’s modified Eagle’s medium/Ham’s F-12 without bFGF (DM), and 
ethanol. Here, it should be noted that MM culture medium is the culture medium with 20ng/mL 
bFGF, in which the AHPCs are stimulated to proliferate. In these experiments, AuNPs, TAT 
peptide, and bFGF, if present, were at the same total concentrations in the corresponding cell 
culture medium to ensure fair comparisons. Plot of culture condition cytotoxicity showed that after 
24 h exposure to cells except ethanol culture condition, all the others culture conditions includes 
bFGF-TAT-AuNPs are essentially non-toxic to AHPCs. 
Effects of bFGF-TAT-AuNPs on AHPCs proliferation and differentiation. To examine 
the proliferation effect bFGF-TAT-AuNPs to AHPCs and to optimize the bFGF-TAT-AuNPs 
culture amount, cells were treated with various concentration of bFGF-TAT-AuNPs. The amount 
of bFGF-TAT-AuNPs added to the culture medium matched the bFGF amount in normal MM 
culture condition (20ng/mL bFGF), and this concentration was recorded as 1×. AHPCs were 
cultured with 0.001×, 0.01×, 0.1×, 1×, 2×, and 5× fold bFGF-TAT-AuNPs for 96 hours, followed 
by AHPCs cultured in the previous culture condition were processed for immunocytochemistry. 
First, fixed cells were incubated in blocking solution (5% normal donkey serum, 0.4% bovine 
serum albumin, and 0.2% Triton X-100) followed by incubation with primary antibodies overnight 
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at 4C. Then cells were incubated in the appropriate biotinylated secondary antibodies, followed 
by incubation with streptavidin-conjugated Cy3 and nuclei were stained with 4’, 6-diamidino-2- 
phenylindole, dilactate (DAPI). Images of 12 microscopic fields (0.24 mm2/field) from 4 parallel 
experiments in each culture condition were randomly taken to count the cells, as shown Figure 3. 
Figure 3B showed the statics cell number in each culture condition, and AVONA test showed no 
significant difference of concentration effect among 0.1×, 1×, 2× and 5× culture condition, thus 
here we chose 0.1× bFGF-TAT-AuNPs in all next experiments. 
In Figure 4, six culture condition groups are shown to compare the proliferation efficiency of 
bFGF and bFGF-TAT-AuNPs. Figure 4C showed cell imaging of DM group, in which contained 
no bFGF, the cells cultured continually in four days increased much less slowly compared with 
Figure 4A, MM and Figure 4B, bFGF-TAT-AuNPs groups. Cell numbers in bFGF-TAT-AuNPs 
and MM culture medium were not significantly different, but it should be noted that bFGF in 
bFGF-TAT-AuNPs was 1/10 of bFGF in MM culture medium. As Wissink et al.69 reported that 
one heparin can bind 8 to 13 bFGF molecules, and the bind possibility between bFGF and 
immobilized heparin is 1/1000, thus amount of free bFGF should be much higher than the heparins 
to get a saturation binding with heparin. However, 0.1×bFGF-TAT-AuNPs showed higher 
proliferation efficiency compared with MM groups. This may be explained by higher local bFGF 
concentration on one AuNP. The higher density of bFGF on one AuNP results a larger chance to 
bind with heparin, and thus brings higher proliferation efficiency in bFGF-TAT-AuNPs culture 
condition.53,54,70-75 
We also compared differentiation effects of bFGF-TAT-AuNPs and bFGF to AHPCs. AHPCs 
were cultured for seven days (one differentiation cycle) and fixed, and then were stained with 
TUJ1 and RIP. TUJ1 (class III β-tubulin, mouse monoclonal IgG; R&D Systems) and RIP 
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(receptor interacting protein, mouse monoclonal IgG; Developmental Studies Hybridoma Bank) 
are both antibodies against phenotypic markers, TUJ1 for young neuronal cells and RIP for 
oligodendrocytes. To calculate the percentage of immunoreactive AHPCs stained with TUJ1 and 
RIP, the number of cells which were immuno-reactive for TUJ1 or RIP antibodies was divided by 
the total number of cells (DAPI-stained nuclei). Results in Figure 5 showed no significant 
difference on oligodendrocytes, however, bFGF-TAT-AuNPs and MM both showed lower 
percentage of TUJ1 labeled neuron cells, and otherwise, the differentiation efficiencies in the bare 
AuNPs and DM groups were not significantly different. These results indicated the bFGF-TAT-
AuNPs effect on AHPCs differentiation is consistent with bFGF.  
Effects of inhibitor. Determination of FGF receptor spatial distribution is acquired via 
locating bFGF-TAT-AuNPs based on binding of bFGF-TAT-AuNPs with FGF receptor. It’s 
important to confirm the binding affinity between FGF receptor and bFGF-TAT-AuNPs was not 
affected by the conjugation of bFGF on AuNPs. Also as an additional factor to check bFGF-TAT-
AuNPs effect on immunological response of AHPCs, inhibition experiment was also examined. 
SU5402 is a pharmacological inhibitor of FGF receptor tyrosine kinases. It can specifically 
interact with the intracellular catalytic domain of FGF receptors irreversibly to block the bFGF 
signal activity,76 which make it be a potential therapeutic agents for various human diseases.77 In 
this experiment, 10 nM SU5402 was cultured with AHPCs, after four days culture, AHPCs were 
counted, as shown in Figure 6. The inhibitor effect did not show significant difference in both of 
bFGF and bFGF-TAT-AuNPs culture conditions. This may contribute to higher affinity between 
inhibitor and FGF receptors compared with bFGF-TAT-AuNPs and receptors. Binding interaction 
between inhibitor and FGF receptor is dominate in the binding competition of inhibitor and bFGF 
to FGF receptor. bFGF local density in bFGF-TAT-AuNPs is much higher than that in MM culture 
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medium, however, which did not enhance the affinity between bFGF-TAT-AuNPs and FGF 
receptor to a comparable level of the affinity between inhibitor and FGF receptor, which indicates 
there may be an opportunity to allow us to locate bFGF at its native status. 
Wavelength-dependent DIC images of AuNPs. Identification of AuNPs in cells is based on 
their wavelength dependent image contrast by dual-wavelength DIC microscopy. Figure 7A and 
B showed AuNP and vesicle images on coverslip and in AHPCs. May due to the interaction 
between the particle and cell proteins or local culture medium, AuNPs DIC contrast is slightly 
weaker in cell (1.56  ± 0.26 at 540 nm, and 0.45 ± 0.18 at 700 nm) than on glass surface (1.67 ± 
0.19 at 540 nm, and 0.58 ± 0.15 at 700 nm). Figure 7C shows DIC contrast spectra of vesicles, 
AuNPs, and aggregates. Here we measured AuNPs, vesicles and aggregates DIC contrast at 450 
nm, 500 nm, 520 nm, 540 nm, 610 nm and 700 nm. The characteristic wavelength dependency is 
more evident in the DIC contrast spectra compiled in Figure 7C, the contrast difference among 
AuNPs, vesicles and aggregates is primal at 540 nm and 700 nm. Based on these findings, AuNPs 
can be identified in DIC microscopy at two wavelengths. Nikon DIC microscope was modified to 
catch images at two wavelengths simultaneously. The recombined beams after the second 
Nomarski prism is split into two channels by a beam splitter, each passing through a band-pass 
filter that selects the observation wavelength, and refocused to form two images on different 
portions of the same CCD camera chip. The two images are recorded simultaneously to minimize 
the external influence on the image quality. The contrast here is defined as the difference between 
the maximum and the minimum intensities over local background. After the bFGF was delivered 
to AHPCs, based on the various contrast of one particle at different wavelength channel, we can 
identify AuNPs from vesicles and aggregates. Moreover, 3D scans of fixed and live cells will 
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provide accurate information on the AuNPs location. This method allows us to count and localize 
AuNPs in fixed and live cells. 
Counting particles in fixed and live cell. bFGF-TAT-AuNPs was first imaged in fixed 
AHPCs cells. The particles were added to a culture dish 2 hours after AHPCs were planted. 
Following four days culture, AHPCs were fixed and imaged. With the help of the 3D scanner, 
stacks of vertical sections of the cells were taken and each particle was counted at the location 
where contributed the best DIC contrast. Figure 9 showed the particle counting in fixed AHPCs. 
Images at four different depths were shown here as examples. It is challenging for traditional 
AuNPs counting method, such as TEM, ICP-MS, to achieve AuNPs counting in live cells. bFGF 
conjugated AuNPs bound with FGF receptor or heparin molecules, which will confine bFGF-TAT-
AuNPs in a local area in cells, which supplied a good chance to locate the AuNPs with a 3D-
scanner in live cells. Figure 10 showed the AuNPs counting in live AHPCs. AuNPs, vesicles and 
aggregates were marked respectively in Figure 10. AHPCs were cultured for 12 h, and were 
imaged in DIC microscopy with 3D-scanner. Scan speed was optimized to scan the whole cell 
effectively meanwhile to keep good AuNPs contrast. The total number of AuNPs in the cell shown 
in Figure 10 is 158. Also, it should be noted that in Figure 10B, the cell nucleus was also clearly 
imaged, which allowed us to distinguish if the particles were on the nucleus membrane. In this 
cell, several AuNPs were identified on the nucleus membrane. 
 
 
Conclusion 
In summary, the dual-wavelength DIC imaging method was used to locate, identify, and count 
AuNPs in fixed and live AHPCs. We have shown the biocompatibility (non-cytotoxicity and non-
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immunogenicity) of AuNPs modified with bFGF. Furthermore, we demonstrated the application 
of bFGF conjugated AuNPs to proliferate AHPCs as an effective drug delivery carrier, which gives 
us a more widely biocompatible application in live cell, such as apply functionalizing AuNPs with 
various functions growth factor to characterize stem cells behaviors. 
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Figure 1.Surface modification of AuNPs. (A) Scheme of two-step functionalization of AuNPs with 
PEG-NHS disulfide, TAT, and bFGF. The scheme is not drawn to scale. (B) UV-Vis spectrum of 
60-nm AuNPs (black) and bFGF-TAT-AuNPs (red). 
 
 
 
 
 
  
67 
 
 
 
 
Figure 2.bFGF-TAT-AuNPs cytotoxicy experiment. AHPCs cultured in various conditions for two 
days in three parallel trials. Initial cell viability showed the AuNPs good compatibility with 
AHPCs. 
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Figure 3.Optimize concentration of bFGF-TAT-AuNPs cultured with AHPCs. A) 1, 2, 3, 4, 5 and 
6 showed the images of cell cultured with bFGF-TAT-AuNPs with concentration of 0.001×, 0.01×, 
0.1×, 1×, 2×, 5×fold of 5L bFGF-TAT-AuNPs to culture dish respectively. B) Statics cell 
numbers in the 6 groups in A. Results are analyzed from 4 trials. 
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Figure 4. A, B and C are images of cells cultured with MM, bFGF-TAT-AuNPs, and DM cell 
culture medium respectively in four days. D) Statics of cell numbers at the fourth day, cultured 
with TAT, bare AuNPs, TAT-AuNPs, DM, bFGF-TAT-AuNPs and MM cell culture medium 
labeled with 1, 2, 3, 4, 5, and 6. All the data were analyzed from four trials. 
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Figure 5.Differentiation of AHPCs in various culture groups. Bare AuNPs and DM group had no 
bFGF. Amount of bFGF in bFGF-TAT-AuNPs was 1/10 of bFGF amount in MM group. 
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Figure 6. AHPCs co-cultured with FGF receptor inhibitor. 
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Figure 7. DIC images and contrast spectra of AuNPs, vesicles and aggregates. A and B are image 
of AuNPs(circle), vesicles (hexagon) and aggregates (square) on glass surface and in cell at 540 
nm, and 700 nm. C) DIC contrast spectra of AuNPs, vesicles and aggregates. D) bFGF-TAT-
AuNPs UV-Vis spectrum. 
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Figure 8. Five examples of A) aggregates, B) vesicle and C) AuNPs, at 540 nm (green) and 700 
nm (red) in live AHPCs. D) DIC contrast spectrum of the images shown in A), B) and C) were 
arranged in one column for comparison. 
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Figure 9.AuNPs counting in AHPCs. The depth showed in the left corner of each image. Total 
AuNPs in this cell is 35. 
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Figure 10. Images of AuNPs (green circle), aggregates (bold red circle), and vesicle (bold blue 
hexagon) in live AHPCs at depth A) 4.9 mm, and B) 20.6 mm in 540 nm and 700 nm. 
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CHAPTER 4. GEOMETRY-ASSISTED THREE-DIMENSIONAL SUPER-
LOCALIZATION IMAGING OF SINGLE MOLECULE CATALYSIS ON MODULAR 
MULTILAYER NANOCATALYSTS 
Rui Han, Ji Won Ha, Chaoxian Xiao, Yuchen Pei, Zhiyuan Qi, Bin Dong, Wenyu Huang, and 
Ning Fang 
A paper to be submitted 
 
Abstract 
To establish structure-catalytic property relationships of heterogeneous catalysts, a detailed 
characterization of the three-dimensional (3D) distribution of active sites on a single catalyst is 
essential. Herein, we present single-particle catalysis of a modular multilayer catalytic platform 
that consists of a solid silica core, a mesoporous silica shell, and uniformly distributed Pt 
nanoparticles sandwiched in between these layers. We report on the first 3D high-resolution super-
localization imaging of single fluorescent molecules produced at active sites on the core-shell 
model nanocatalysts. The 3D mapping is aided by the well-defined geometry and a correlation 
study in scanning electron microscopy and total internal reflection fluorescence and scattering 
microscopy. This approach can be generalized to study other nano- and mesoscale structures. 
 
Introduction 
Heterogeneous catalysis has been studied extensively by various surface science techniques 
on single crystal surfaces.1-3 Many understandings have been achieved about the structure of active 
sites and the catalytic reaction mechanisms. However, most catalysts used in industry are metal 
nanoparticles (NPs) supported on three-dimensional (3D) porous supports.4-6 The techniques that 
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can be used to understand the distribution of active sites on these 3D supports are very limited, 
especially if the characterization has to be carried out under reaction conditions.  
High-resolution electron tomography is the most broadly used technique in measuring the 
distribution of metal NPs in 3D supports. For example, within individual Zeolite Y particles, the 
numbers, size distributions, and interparticle distances of Pt particles have been characterized.7 
The heterogeneities of Pt loading in the zeolite were discovered to vary up to a factor of 35 between 
different zeolite crystals, which clearly demonstrated the importance of catalyst preparation and 
characterization. Electron tomography was also able to measure the location and size distribution 
of Pd NPs on and inside carbon nanotubes of different internal diameters.8   
Recent developments of in situ transmission electron microscopy (TEM) have opened up 
exciting new opportunities to acquire fundamental understanding of reaction mechanisms of 
heterogeneous catalysis.9,10 However, its applicability is still greatly limited by technical 
challenges, such as the use of sophisticated sample holders, strict restrictions on experimental 
conditions, inability to capture chemical information of reagents and products, and relatively slow 
speed to carry out tomography scans.  
In order to study the activity, selectivity, and mechanism of action of single nanocatalysts 
under real life operando conditions, single-molecule super-localization fluorescence microscopy 
has been employed to map individual fluorogenic turnover events on single nanocatalysts with 
nanoscale localization precision in the two-dimensional (2D) horizontal plane.11-20 This 
fluorescence super-resolution mapping technique is advantageous over other spectroscopic 
techniques, such as electrochemical detection21 and surface plasmon spectroscopy,22,23 for 
acquiring detailed information on single nanocatalysts. Recent investigations have led to better 
understanding of the effects of facets,11,24 defects,16 and photogenerated reactive sites (electrons 
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and holes)17 in single nanocatalysts. However, the 3D super-resolution mapping on single 
nanocatalysts is still elusive because the axial localization precision25 (typically >50 nm) is often 
insufficient to resolve the axial distribution of fluorescent events on single nanocatalysts of up to 
a few hundred nanometers high. 
In this communication, we report the first 3D super-resolution mapping of catalytic activities 
in a model multilayer catalytic platform under reaction conditions. This model platform (Figure 
1A), which consists of Pt NPs sandwiched between an optically-transparent solid SiO2 core (~200 
nm in diameter) and a mesoporous SiO2 shell (SiO2@Pt@mSiO2),
26 resembles the nanostructures 
of many intensively-investigated high-performance core-shell nanocatalysts.27-34  
 
Results and Discussion 
This type of multilayer nanocatalysts are attractive heterogeneous model catalysts for the 
following reasons: First, the catalytic activity can be tuned readily by controlling the number of 
the supported metal NPs. Second, the outer SiO2 mesoporous shells isolate the catalytically active 
metal NPs and protect them from the possibility of sintering during catalytic reactions at high 
temperatures, while allowing reactant molecules to approach the surface of metal NPs through the 
pores. Third, spherical nanocatalysts can be employed as a 3D multilayer catalytic platform for 
systematic investigations to understand the factors (size, structure, molecular transport, etc.) 
affecting their catalytic properties and efficiency. There have been no reports to study the catalytic 
behavior of this type of multilayer nanocatalysts at the single-particle level. In this context, it is 
highly desirable to go beyond the averaging inherent in ensemble experiments and reveal catalytic 
properties of individual nanocatalysts during catalytic reactions. 
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The multilayer SiO2@Pt@mSiO2 nanocatalysts used in this study were synthesized according 
to literature procedures (see details in the Supporting Information, Figure S1).26 As shown in 
Figure 1A, the Pt NPs with a diameter of 3.6 ± 0.7 nm are sandwiched between a SiO2 sphere with 
an average diameter of 200 ± 20 nm and a SiO2 shell with an average thickness of ~10 nm. SiO2 
was chosen as both core and shell material because it has excellent thermal stability, tunable 
surface functionality, and optical transparency in the UV-visible range. The UV-visible absorption 
spectra of the multilayer nanocatalysts and the SiO2 spheres are shown in Figure S2. A peak is 
observed at around 275 nm in Figure S2A because of the presence of Pt NPs.35  
To investigate the catalytic activity of the multilayer nanocatalysts, we used the fluorogenic 
oxidation reaction of non-fluorescent amplex red (10-acetyl-3,7-dihydroxyphenoxazine) to 
produce highly fluorescent resorufin (λex = 563 nm; λem = 587 nm, at pH 7.5) at the single-molecule 
level (Figure 1B).17 A sample slide was prepared by spin-casting the nanocatalyst solution on a 
poly-L-lysine functionalized fused quartz slide. The concentration of the nanocatalysts 
immobilized on the fused quartz slide was controlled to be ∼1 μm−2 for single-particle catalysis. 
Two pieces of double-sided tape with a thickness of 25 µm were used as spacer between the fused 
quartz slide and a glass coverslip to form a sample flow chamber.  
Single molecule imaging experiments were carried out under a prism-type total internal 
reflection (TIR) fluorescence microscope (Figure S3).36 An evanescent field is created when the 
total internal reflection of an incident laser beam occurs at the solid/liquid interface. The 
evanescent field intensity decays exponentially with the vertical distance (up to a few hundred 
nanometers) from the interface.37 This unique home-built prism-type TIR fluorescence microscope 
is capable of finding the optimum incident angle automatically by scanning a range of angles at 
intervals as small as 0.2.36 The optimum incident angle in our experiments was found to be ~68, 
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which was close to the critical angle of 66 for the fused quartz/water interface, to result in a deep 
penetration depth and the highest possible signal-to-noise ratio (S/N) for single molecule detection. 
A 532-nm green laser was used to excite the fluorescent resorufin product. Before initiating 
the fluorogenic oxidation reaction, the 532-nm laser beam was first shined onto the sample for 20 
min to remove possible fluorescent dusts and impurities. Then the reactant-containing solution 
(0.4 μM amplex red, 20 mM H2O2, and 50 mM pH 7.5 phosphate buffer) was introduced over the 
nanocatalysts in the sample flow chamber. Fluorescent resorufin molecules were formed at many 
possible reactive Pt NPs on single nanocatalysts (Figures 1C and S4A) and detected by an electron 
multiplying charge-coupled device (EMCCD) camera. These experiments clearly demonstrated 
the nanocatalyst’s activity for the fluorogenic reaction at the single-particle level.  
We recorded movies of stochastic fluorescence bursts at many localized spots on the fused 
quartz surface with a temporal resolution of 100 ms. Figure 1D shows a segment of a typical 
fluorescence intensity trajectory from one spot highlighted in the orange frame in Figure 1C 
containing stochastic fluorescence ON-OFF signals. Each burst corresponds to a single resorufin 
molecule. It is evident in Figure 1D that these fluorescence bursts vary significantly in intensity 
with the S/N ranging from 3 to 12. This can be ascribed primarily to different vertical positions of 
these resorufin molecules on the surface of a 200-nm spherical nanocatalyst within the evanescent 
field, which extends only a few hundred nanometers into the sample.  
The fluorescence image of a single resorufin molecule during one burst spreads over a few 
pixels as a point spread function (PSF) (Figure S4A). The center position of this PSF can be 
determined by 2D Gaussian fitting of its fluorescence profile (Figure S4B). The localization 
precision is typically in the range of a few nanometers to tens of nanometers depending on the 
signal to noise ratios (S/N) of individual fluorescence bursts. In addition, in order to correct for 
81 
 
 
sample drifting, two red-fluorescent beads with a diameter of 100 nm were used as position marker 
(Figures S4A and S5).  
This commonly used localization method generates high-resolution 2D maps of individual 
turnover events on single nanocatalysts; however, it does not provide essential information related 
to the nanocatalysts’ 3D structure. To surmount this limitation, we have made further efforts to 
develop a new approach for geometry-assisted 3D super-localization imaging of single fluorescent 
molecules in the evanescent field. The core idea is to take advantage of the uniform spherical shape 
of the nanocatalysts. The new approach consists of two key steps. First, the Pythagoras’ theorem 
is used to convert 2D to 3D localization of each resorufin molecule on the nanocatalyst’s spherical 
surface. Second, the volume intensity is used to determine whether a given product molecule is 
formed at the top or bottom half of a spherical nanocatalyst. (See the detailed procedure in the 
Supporting Information, Figure S6.) 
Two sets of experiments have been performed to validate the method described above. The 
first set verifies that the intrinsic fluctuations in the molecular fluorescence emission do not 
significantly affect the accuracy in the vertical position determination. We plotted in Figure S7 the 
S/N distributions of resorufin molecules immobilized on a flat surface or produced catalytically 
on the spherical surface of the nanocatalysts under similar experimental conditions. The relative 
standard deviation (RSD) of the S/N distribution for the spherical surface case (~36%) is 
significantly larger than that for the flat surface case (~9%). The vertical distribution of resorufin 
molecules in the evanescent field is the main cause of this disparity, and it is also the more 
significant factor contributing to the recorded fluorescence intensity variations than the intrinsic 
fluctuations. Furthermore, it should be emphasized that the fluorescence intensity is only used to 
determine on which hemisphere a resorufin molecule is located, and this operation can tolerate 
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much larger uncertainties in the fluorescence intensity than those caused by the intrinsic 
fluctuations.  
Another relevant point of discussion on uncertainty is about the resorufin molecules located 
in the middle section (equator) of a spherical nanocatalyst. These molecules have to be treated as 
one group because of the lack of resolving power to decide whether they are actually above or 
below the equator. The width of this middle section is estimated to be roughly ±10 nm when the 
RSD of the fluorescence intensity fluctuations is set to 10%. The complete analysis at different 
incident angles and intensity fluctuations can be found in the Supporting Information.  
The second set of experiments was a correlation study of same nanocatalysts in scanning 
electron microscopy (SEM), TIR scattering microscopy, and TIR fluorescence microscopy (Figure 
2). The position and diameter of each nanocatalyst were first measured in the SEM image (Figure 
2A). Then we located the same nanocatalysts in the TIR scattering mode, which was converted 
from the TIR fluorescence mode by simply replacing the 532-nm long-pass filter for fluorescence 
emission with a 532-nm band-pass filter for laser excitation in front of the EMCCD camera. The 
2D Gaussian fitting method was used again here to determine the center position of each 
nanocatalyst in the TIR scattering image (Figure 2B). Finally, we performed the fluorogenic 
oxidation reaction over the same nanocatalyst sample as described earlier, and recorded a series of 
movies showing stochastic fluorescence bursts in the same sample area. All five nanocatalysts 
labelled in Figure 2 were active for the catalytic reaction as the corresponding fluorescence bursts 
were found in the correlated TIR fluorescence image (Figure 2C). A MATLAB program was 
developed to carry out the data analysis for the entire imaging area (Figure S8). Through the careful 
correlation study, 3D super-resolution maps of resorufin molecules on single nanocatalysts can be 
generated reliably and accurately. 
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Figure 3 shows the 3D super-resolution map of single resorufin product molecules formed on 
NP 4 during the catalytic reactions. The diameter of NP 4 was measured to be 240 nm from the 
high-magnification SEM image (Figure 3A). As expected for this nanocatalyst with a high density 
of Pt NPs, a large number of turnover events were recorded within ~1 h. Figure 3B shows a broad 
distribution of the signal intensity, which is consistent with the intensity trajectory provided in 
Figure 1D. In the 2D super-resolution map (Figure 3C), a circular shape can be observed with an 
estimated diameter of 270 nm, which is consistent with the particle diameter of 240 nm plus the 
uncertainties in 2D localization. The center of the circle nearly overlaps with the geometric center 
of the nanocatalyst obtained from the correlated TIR scattering image (Figure 2B). Finally, the 2D 
coordinates of the resorufin molecules were projected onto the spherical surface to generate the 
final 3D super-resolution map (Figure 3D).  
To further demonstrate the 3D super-resolution mapping, we synthesized similar 
nanocatalysts but with a very low density of Pt NPs (1-5 Pt NPs per particle) (Figure 4A). We 
performed the same fluorogenic reaction over the low Pt loading nanocatalysts under identical 
experimental conditions. As shown in Figure 4B, we found two distributions of fluorescence 
intensity of single product molecules on a nanocatalyst.  
Figure 4C shows a 2D super-resolution map of single product molecules. Two groups of the 
turnover events can be observed on the 2D map. It can be found from the two intensity distributions 
(Figure 4B) that one group (black dots with higher fluorescence intensity) is positioned at the lower 
side of this nanocatalyst while the other group (red dots with lower fluorescence intensity) is 
located at the upper side. The observation of the two intensity groups serves as another piece of 
evidence that the fluorescence intensity can be used as the secondary criterion together with the 
primary criterion (2D location) to assign individual fluorescence bursts to the 3D spherical surface. 
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It can also be observed in Figure 4B that the shoulders of the two distributions overlap due to the 
intrinsic fluorescence fluctuations, causing common and expected uncertainty associated with 
single molecule imaging experiments.  
Another example with three groups of localized fluorescence bursts is provided in Figure S9. 
These two examples clearly demonstrate the capability to conduct the 3D super-resolution 
mapping of single fluorescent molecules produced on a 3D nanocatalyst.  
 
Conclusion 
In conclusion, we report the first 3D super-resolution mapping of single fluorescent product 
molecules on single spherical multilayer nanocatalysts during catalytic oxidation reactions. The 
3D imaging is aided by the nanocatalyst’s well-defined geometry, a careful correlation study in 
SEM and TIR scattering and fluorescence microscopy, and an algorithm to convert 2D maps to 
3D maps. This super-resolution mapping approach can be generalized to study other regularly-
shaped nano- and mesoscale structures, if the actual shapes and dimensions can be established 
through correlated SEM or TEM images. 
Single molecule catalysis with 3D super-localization imaging allowed us to better understand 
the catalytic properties and the identity of reactive sites of the multilayer nanocatalysts. Note that 
the SiO2@Pt@mSiO2 nanocatalysts are a highly modular 3D multilayer catalytic platform with 
controllable pore size, length, and active site location. We therefore expect that the sandwiched 
core-shell catalytic platform combined with the 3D super-localization imaging technique will 
enable us to address more fundamental challenges such as molecular transport phenomena in the 
porous catalytic nanostructures. Further studies to clarify the catalytic efficiency and characteristic 
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molecular transport phenomena in terms of the thickness of a shell and the size of pores in the 
highly modular catalytic platform are underway. 
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Figure 1. Single molecule catalysis of a fluorogenic oxidation reaction on single SiO2@Pt@mSiO2 
nanocatalysts. (A) TEM image of Pt NPs confined between a SiO2 sphere and a mesoporous SiO2 
shell. (B) Experimental scheme using total internal reflection fluorescence microscopy. Non-
fluorescent amplex red is converted to highly fluorescent resorufin by a SiO2@Pt@mSiO2 
nanocatalyst in the presence of H2O2. (C) Typical image of fluorescent product at localized spots 
during the catalytic reaction under 532-nm illumination. (D) Segment of a typical fluorescence 
intensity trajectory from the fluorescent spot highlighted in the orange frame in C. Temporal 
resolution was 100 ms. 
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Figure 2. Correlation of SEM (A), TIR scattering (B), and TIR fluorescence (C) images of the 
same area showing five single SiO2@Pt@mSiO2 nanocatalysts (high Pt NPs loading).  
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Figure 3. 3D super-localization imaging on a high Pt loading nanocatalyst. This particle is labelled 
as NP 4 in Figure 2. (A) High-magnification SEM image. (B) A broad fluorescence intensity 
distribution obtained from all the fluorescent molecules produced during a catalytic reaction. (C) 
2D super-resolution map of single product molecules. The nanocatalyst’s geometric center 
measured from the TIR scattering image is set to (0, 0). (D) 3D super-resolution map. 
    
  
91 
 
 
 
 
Figure 4. 3D super-localization imaging on the low Pt loading SiO2@Pt@mSiO2 nanocatalysts. 
(A) TEM image of the nanocatalysts. The red-arrows point out the Pt NPs. (B) Two groups of 
fluorescence intensity distribution. (C) 2D super-resolution map showing two separate groups on 
the nanocatalyst. (D) 3D super-resolution map. The nanocatalyst’s diameter was estimated from 
the TEM image. 
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1. Synthesis of multilayer SiO2@Pt@mSiO2 nanocatalysts. SiO2 spheres with an average 
diameter of 200(±20) nm are synthesized by using the Stöber method.219,220  Pt nanoparticles (NPs) 
were synthesized by the methanol reduction of chloroplatinic acid (H2PtCl6) in the presence of 
polyvinylpyrrolidone. NH2 groups were introduced to SiO2 surface by polymerizing 3-
aminopropyltriethoxysilane (APTS) to enhance the binding between Pt NPs and SiO2 spheres as 
shown Figure S1. Finally, we used tetraethyl orthosilicate (TEOS) as the SiO2 precursor, and 
hexadecyltrimethylammonium bromide (C16TAB) as the templating agent to grow SiO2 shell on 
the surface of the Pt-NP-loaded SiO2 spheres.
221 Here we used 1 mol/L NaOH to etch the samples 
at room temperature for two hours to get a more porous shell structure to introduce a more efficient 
diffusion rate. After etched with NaOH, the particles were calcinated at 550 °C for 6 h to remove 
protection ligands on Pt NPs and in nanopores, and then the particles were reduced with H2 flow ( 
H2/He = 5/45 mL/min) for 1 h to activate the surface of Pt NPs for catalysis.  
2. Characterization of SiO2@Pt@mSiO2 nanocatalysts. In the present study, two kinds of 
SiO2@Pt@mSiO2 nanocatalysts were used: high SiO2@Pt@mSiO2 (high loading of Pt NPs on the 
silica core) and low SiO2@Pt@mSiO2 (low loading of Pt NPs on the silica core). The amount of 
Pt NPs loaded on the spherical silica core in the high SiO2@Pt@mSiO2 nanocatalysts was 2.5 wt%. 
In the low SiO2@Pt@mSiO2 nanocatalysts the density of Pt NPs supported on one silica core was 
controlled to be about 1-5 Pt NPs.   
A UV-Vis spectrophotometer (Varian Cary 300) was used to characterize the optical 
properties of the SiO2@Pt@mSiO2 nanocatalysts. The absorption spectrum of SiO2@Pt@mSiO2 
nanocatalysts is shown in Figure S2A. SiO2 sphere’s absorption spectrum is provided in Figure 
S2B as control. The absorption peak for Pt NPs can be detected at 275 nm for the high 
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SiO2@Pt@mSiO2 sample, while this peak disappears in the absorption spectrum for the low 
SiO2@Pt@mSiO2 sample. 
3. Instrumentation for single molecule fluorescence experiments. A homebuilt prism-
based total internal reflection fluorescence (TIRFM) microscope (Figure S3) was introduced to 
perform single molecule experiments. A Sutter MP-285 motorized 3D translational stage (Novato, 
CA) replaced the original microscope stage to reduce the sample drifting. An adjustable 250-mW 
maximum 532-nm continuous wave (CW) laser was used as the excitation source. The excitation 
laser beam was first pointed to a periscope, passed through a Uniblitz mechanical shutter (model 
LS2Z2, Vincent Associates, Rochester, NY) and a focusing lens (15-cm focal length), and then 
directed toward the mirror of a galvanometer optical scanner (model 6220, Cambridge 
Technology, Cambridge, MA). The focusing lens was used to control the laser spot size in the 
imaging area. The mirror galvanometer was coupled to a high precision motorized linear stage 
(model MAA-PP, Newport, Irvine, CA) and directed the focused laser beam through the 
equilateral prism to the interface at different incident angles.  
4. Sample preparation for single molecule fluorescence measurements. The 
SiO2@Pt@mSiO2 nanocatalysts were spin-coated on a poly-L-lysine (Sigma, P8920) 
functionalized fused quartz slide (SPI, West Chester, PA) and particle density was controlled to 
be ~1 particle/µm2. Then 10 µL of 100-nm fluorescent polystyrene beads (Duke Scientiﬁc, 
Fremont, CA; 10,000-fold dilution in ethanol from the purchased solution) was also introduced on 
the same fused quartz slide as reference particles.222 The poly-L-lysine solution (0.1% w/v in H2O) 
was first diluted 10-fold with DI water. The pre-cleaned fused quartz slides were immersed into 
the diluted poly-L-lysine solution for 10 min. Then the slides were washed with DI water and dried 
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with N2 gas. At last, a flow chamber was formed by using 25-µm double side tapes as spacer 
between the fused quartz slide and a glass coverslip.  
5. Single molecule fluorescence measurements on SiO2@Pt@mSiO2 nanocatalysts. 
Single-molecule fluorescence experiments were carried out on a prism-type total internal reflection 
fluorescence (TIRFM) microscope. To reduce the background noise, the flow chamber and the 
buffer solutions were photobleached overnight under UV light. A 532-nm CW laser beam (100 
mW) was focused onto the sample to excite resorufin product. Before initiating the fluorogenic 
oxidation reaction, the flow chamber was left on the imaging stage for 20 min to reduce sample 
drift, and in the meantime, the 532-nm laser beam was turned on to remove fluorescent dusts and 
impurities in the sample. Then the reactant-containing solution (0.4 μM amplex red, 20 mM H2O2 
in 50 mM pH 7.5 phosphate buffer) was introduced to the flow chamber.  The fluorescence images 
were captured by a Plan Fluor 100x/NA 1.49 objective and Andor iXon EM+ 897 camera (Belfast, 
Northern Ireland; 16 μm x 16 μm pixel size, 512 × 512 imaging array). A high quality long pass 
532 nm filter (532 LP, Chroma Technology Corp) was mounted in the front of camera to block the 
scattering signal and unwanted background. We recorded movies of stochastic fluorescence bursts 
at many localized spots on the fused quartz surface with a time resolution of 100 ms. The collected 
movies and images were analyzed by a MATLAB Gaussian peak fitting program and NIH ImageJ 
(http://rsbweb.nih.gov/ij/).   
6.  Two-dimensional (2D) super-localization of resorufin product molecules. We recorded 
movies of fluorescent busts at many localized spots on the fused quartz surface with the temporal 
resolution of 100 ms for 1 h. We then used a home-written MATLAB program to analyze a movie 
record. The fluorescence intensity trajectories were extracted from localized fluorescence spots 
individually across the entire movie. Each trajectory from a SiO2@Pt@mSiO2 nanocatalyst 
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contains many stochastic fluorescence bursts over time. We identified the corresponding image 
frames of each burst in the trajectory. For each burst, all image frames contributing to the 
fluorescence burst were combined to form a single image. We then determined the center position 
of the product molecule by 2D Gaussian fitting of the single image using the MATLAB program. 
The accuracy of the center position was determined  according to Thompson and coworkers.223 An 
example of 2D localization is provided in Figure S4.  
7. Sample drift correction during catalytic reactions. We performed the single molecule 
experiment for 1h with continuously pumped fresh solution to a flow chamber. During this 
recording period, the stage inevitably drifted slightly. To determine the accurate center position of 
single resorufin molecules produced on the SiO2@Pt@mSiO2 nanocatalysts, it is crucial to correct 
sample drifting by using reference particles in the same image area as shown in Figure S4A. In the 
present study, we used polystyrene fluorescence beads with a diameter of 100 nm (R100, Duke 
Scientific Corp.) as reference particles for sample drift correction.  
The common practice is to use one reference particle for sample drift correction. However, in 
our experiments, we discovered that the sample could also rotate slightly while sitting on the stage 
for hours. Therefore, it is necessary to use two reference particles. The distributions of the positions 
of target particles with one or two reference particles are shown in Figures S5B and S5C, 
respectively. The spread in Figure S5C is clearly smaller than that in Figure S5B, suggesting the 
corrections with two reference particles are more precise.  
8. Details on three-dimensional (3D) super-localization imaging. The 3D super-
localization imaging of single fluorescent molecules is shown in Figure S6. Because the emission 
wavelength (532 nm) is larger than the particle size (~200 nm in diameter), we can consider single 
molecule 2D distribution is the projection of 3D space distribution and vice versa, as shown in 
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Figure S6C. When the 2D distribution is projected to the nanocatalyst, each single molecule should 
be on or near the particle surface, by using volume intensity to distinguish the molecule is at the 
top semi-sphere or bottom semi-sphere, we can get the 3D location of each molecule on the 
particle.  
There are key steps as following: 1) the center position (a) of a SiO2@Pt@mSiO2 nanocatalyst 
is determined first from the scattering measurement. 2) The radius (r) of the same 
SiO2@Pt@mSiO2 nanocatalyst was measured from the SEM images. 3) The center position (b) of 
each single product molecule is found by 2D Gaussian fitting. 4) The distance (d) from the particle 
center a to the molecule center b is calculated. 5) The height (h) is calculated by Pythagoras’s 
theorem (r2=h2+d2). 6) The volume intensity is used to determine whether the single product 
molecule is formed at the top (b1) or at the bottom (b2). Steps 3-6 are repeated for each fluorescent 
product molecule, and finally, a 3D super-localization map is created. 
9. Signal-to-Noise ratio distribution of single resorufin molecules on fused quartz surface. 
We performed a control experiment to check the distribution of signal-to-noise ratio of single 
resorufin molecules on the fused quartz slide surface. This control experiment was performed 
under identical experimental conditions. Resorufin was dissolved in a phosphate buffer (pH 7.5). 
The concentration of the resorufin solution introduced into the flow chamber was 0.5 nM, and flow 
rate was set to 10 L/min. The resorufin product (pKa = 5.8) is negatively charged in the solution 
with pH 7.5. Figure S7A shows a 3D plot of single resorufin molecules attached on flat fused 
quartz surfaces. Figure S7B shows a typical fluorescence intensity trajectory of single resorufin 
molecules produced during a fluorogenic catalytic reaction.  Signal-to-noise ratios of single 
resorufin molecules on surface and single catalyzed resorufin molecules were counted to generate 
statistic histograms as shown in Figures S7C and S7D. A large range of signal-to-noise ratios of 
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single catalyzed resorufin product may be ascribed to different vertical positions of these resorufin 
molecules produced on a 200-nm spherical nanocatalyst in the evanescent field extending only a 
few hundred nanometers (typically, 200-250 nm) into the sample. 
10. Estimate resolution near the particle’s equator in the evanescent field. The depth of 
the evanescent field (d) is defined by eq. 1 for a given interface as it depends theoretically on θ, 
the wavelength (λ) of the incident light, and the reflective indices of the two media (fused quartz 
n1=1.47 and water n2=1.33) at the interface. 
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The critical angle for this fused quartz/water interface is ~66. The evanescent field intensity (I) 
exponentially decays with the vertical distance (z) from the interface and drops to 1/e of the 
value at the interface over the depth (d):  
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Eq. 3 is derived from eq. 2 for normalized intensity.  
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The error propagation can therefore be calculated with eq. 4:            
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Table 1 shows the calculated z  at various incident angles and penetration depths, when the 
uncertainty in single molecule fluorescence intensity at the temporal resolution of 100 ms is set 
to 10% ( (z) (z) 10%I I  ). The incident angle was set to around 68 to result in Δz = ~10 nm.  
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Table 1. z  at various penetration depths and (z) (z) 10%I I   
θ() d(θ) (nm) Δz (nm) 
67 264.8 11.5 
68 186.0 8.1 
69 152.4 6.6 
70 132.89 5.8 
71 119.81 5.2 
73 110.3 4.8 
73 103.1 4.5 
74 97.5 4.2 
75 92.9 4.0 
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Supporting Figures 
 
Figure S1. Synthesis of SiO2@Pt@mSiO2 nanocatalysts. (A) TEM image of 200(±20)-nm silica 
spheres. (B) TEM image of Pt NPs (2.9  0.3 nm) loaded onto silica spheres. (C) SiO2@Pt@mSiO2 
nanocatalysts after calcination and reduction. (D) A nanocatalyst showing Pt NPs confined 
between a SiO2 sphere and a porous SiO2 shell. The inset shows the size distribution of Pt 
nanoparticles (3.6  0.7 nm) after calcination and reduction. 
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Figure S2. UV-VIS absorption spectra of the SiO2@Pt@mSiO2 nanocatalysts with high Pt NP 
loading (A) and silica spheres only (free of metal) from the same batch (B).  
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Figure S3. Schematic diagram of the automated, scanning-angle, prism-type total internal 
reflection microscope: M, mirror; S, mechanical shutter; FL, focusing lens.  
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Figure S4. Determination of the center position of single product molecule. (A) A typical 
fluorescence image to show anchors (or position markers) and single product molecules at many 
localized spots. In this study, fluorescent nanoparticles (100 nm in diameter) circled with the 
dashed yellow were used as position markers. The center position of single product molecule was 
determined by 2D Gaussian fitting of its fluorescent image. (B) 3D representation of the single 
product molecule squared with orange in (A). The center position of this typical fluorescence 
image can be determined with nanometer accuracy (±5 nm). The accuracy of the center position 
was determined according to Thompson and co-workers (ref. 5). 
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Figure S5. Correction for sample drifting by using polystyrene fluorescence beads (100 nm in 
diameter) as reference anchors. (A) A fluorescence image showing three fluorescent beads. (B) 
Distribution of the location of a target particle using one reference particle to correct for sample 
drifting. (C) Distribution of the location of a target particle using two reference particles to correct 
for sample drifting. It is evident that using two reference particles simultaneously generates more 
accurate and precise localization data than using only a single reference particle. 
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Figure S6. 3D Super-localization of single fluorescent molecules produced on a SiO2@Pt@mSiO2 
nanocatalyst. First, we determine the 2D location of each resorufin molecule by 2D-Gaussian 
fitting (A). Second, we convert 2D to 3D super-localization image by using Pythagoras theorem 
formula (B, C). More detailed steps are as follows: 1) We determine the center position (a) of a 
single SiO2@Pt@mSiO2 nanocatalyst. 2) We determine a radius (r) of the same SiO2@Pt@mSiO2 
nanocatalyst. 3) We locate the center position (b) of each single product molecule by 2D Gaussian 
fitting. 4) We calculate the distance (d) from the particle center a to the molecule center b. 5) The 
height (h) is calculated by Pythagoras theorem formula (r2=h2+d2). 6) From the volume intensity 
we determine whether the single product molecule is formed at the top (b1) or at the bottom (b2). 
Therefore, we finally obtain the 3D super-localization image mapping all of the single product 
molecules on a spherical nanocatalyst (C). 
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Figure S7. Signal-to-noise ratio distributions of single resorufin molecules on surface and single 
resorufin molecules produced during a catalytic reaction.  (A) 3D surface plot of single resorufin 
molecules on a fused quartz surface. The inset is a 2D image of single resorufin molecules in the 
same area. (B) Typical fluorescence intensity trajectory of single resorufin molecules produced 
during a fluorogenic catalytic reaction. (C, D) Statistic distributions of signal-to-noise ratio of 
single resorufin molecules on a flat fused quartz surface (C) and single resorufin molecules 
produced on the surface of a nanocatalyst (D). The median and standard deviation for each case 
are 5.75 (±0.53 or 9.2%) and 5.21 (±1.89 or 36.3%), respectively. The much wider distribution of 
resorufin molecules on the surface of spherical nanocatalysts suggests that the vertical position is 
a more significant factor than the molecular fluorescence fluctuations in determining the signal-
to-noise ratio. 
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Figure S8. The data analysis using a home-made MATLAB program for 2D Gaussian fitting. (A) 
Super-localization of the center position of single product molecules using the automatic Gaussian 
fitting program. (B) The original fluorescence image used for the data analysis in (A).  
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Figure S9. Another example of 3D super-localization imaging on the low SiO2@Pt@mSiO2 
nanocatalyst. (A) Three intensity distributions of single product molecules. (B) 2D super-
localization image mapping single product molecules formed on the nanocatalyst during catalytic 
reactions. Three separate groups are shown on the nanocatalyst. (C) 3D super-localization image 
of single product molecules displayed in 3D space.  
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CHAPTER 5. GENERAL CONCLUSIONS 
 Application of single molecule and single nanoparticles imaging have been studied in 
separation, in catalysis, in living cell based on DIC, TIRFM, epi-fluoresence microscopy in this 
thesis. 
 First, wild field microscopy-based single polystyriene beads is studied in alumina porous 
membrane. In this work, we measured the electrophoretic motion of individual polystyrene 
nanoparticles in cylindrical alumina nanopores with different size combinations. The axial 
diffusion of the particles in the pores is also measured. It is found that the electrophoretic mobilities 
and the diffusion coefficients of particles were both substantially smaller compared to those in the 
bulk solution, independent of particle size or pore diameter. The effective A/V ratio inside the 
nanopores cannot account for the difference between the two particle sizes in two different pore 
sizes, indicating adsorption can also be ruled out. While this phenomenon requires further 
investigation, we suggest that the microenvironment in the nanopores is anomalous. The 
electrophoretic mobility and diffusion experiments both point to the scenario that the apparent 
macroscopic viscosity is anomalously large in the nanopores. 
 Second, by using DIC microscopy, the gold nanopartricle as a carrier to delivery drug into 
stem cell is studied. In this work, we have presented dual-view wavelength method to indentify 
AuNPs, and count/locate the particles in fixed/live AHPCs cells. We also have demonstrated 
biocompatibility of AuNPs modified with bFGF, such as non-cytotoxity and non-immunogenicity. 
Furthermore, we also have shown the application of bFGF conjugated AuNPs to proliferate 
AHPCs as a effective drug delivery carrier, which gives us a more widely biocompatible 
application in live cell, such as apply functionalizing gold nanoparticles with various functions 
growth factor to characterize stem cells behaviors. 
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 Last, based on a Multilayer Nanocatalysts, three-dimensional super-localization imaging 
of single molecule catalysis was studied. In conclusion, we report the first 3D super-resolution 
mapping of single fluorescent product molecules on single spherical multilayer nanocatalysts 
during catalytic oxidation reactions. The 3D imaging is aided by the nanocatalyst’s well-defined 
geometry, a careful correlation study in SEM and TIR scattering and fluorescence microscopy, 
and an algorithm to convert 2D maps to 3D maps. This super-resolution mapping approach can 
be generalized to study other nano- and mesoscale structures, as long as the actual shapes and 
dimensions can be established through correlated SEM or TEM images. Single molecule 
catalysis with 3D super-localization imaging allowed us to better understand the catalytic 
properties and the identity of reactive sites of the multilayer nanocatalysts. Note that the 
SiO2@Pt@mSiO2 nanocatalysts are a highly modular 3D multilayer catalytic platform with 
controllable pore size, length, and active site location. We therefore expect that the sandwiched 
core-shell catalytic platform combined with the 3D super-localization imaging technique will 
enable us to address more fundamental challenges such as molecular transport phenomena in the 
porous catalytic nanostructures. Further studies to clarify the catalytic efficiency and 
characteristic molecular transport phenomena in terms of the thickness of a shell and the size of 
pores in the highly modular catalytic platform are underway. 
